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ABSTRACT

Assisted reproductive technologies allow mares to remain in training and produce
offspring; however, limited data regarding the impact of exercise on folliculogenesis exists.
Mares in training are reported to have reduced embryo recovery rates and ovulated smaller
follicles. The objectives of this study are to evaluate the effect of exercise on folliculogenesis
using ultrasound technology. Additionally, cortisol, luteinizing hormone (LH), follicle
stimulating hormone (FSH) and estradiol concentrations in mares were evaluated. The exercise
period was from April to September 2008 at Latitude: 34° 41’ 1” N. Thirteen horses were
assigned to Exercise (n=6) or Control group (n=7). Mares were exercised six days a week for 30
min; 10 min trot (4.0 m/s), 5 min canter (5.2 m/s), 5 min trot (4.0 m/s), 5 min canter (5.2 m/s), 5
min trot (4.0 m/s). Blood was collected prior to exercise, 30 min post exercise and in the
afternoon every other day during diestrus and daily during estrus. Mares were ultrasounded
transrectally daily using a 7.5 MHz linear rectal probe. Follicular growth was tracked and
recorded. Serum was assayed for cortisol, LH, and estradiol using radioimmunoassay. Exercised
mares experienced longer interovulatory intervals (P <0.05) and tended toward an increased time
from deviation to ovulation (P =0.06). Exercised mares had altered follicular dynamics compared
to Control mares. Mean cortisol concentrations were increased (P<0.05) post exercise in the
Exercised group (6.29 ± 0.22 ug/dl in Exercised mares versus 5.62 ± 0.16 ug/dl in Control mares)
indicating the Exercised mares were under increased stress. Maximum LH concentrations were
lower (P<0.05) in Exercised mares (0.17 ± 0.06 ng/ml) than Control mares (0.41 ± 0.05 ng/ml).
No differences were found in the mean, minimum, or maximum FSH concentrations between
groups. Estradiol had a significant (P <0.05) group by cycle by day interaction with mean
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concentrations being higher in control mares on the days preceding ovulation. These data shows
exercise alters follicular dynamics and hormone concentrations. Future research is needed to
examine if these hormonal changes impact follicular growth and establish methodologies to retain
normal ovarian function of mares in training and competition used in a breeding program.
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Chapter I
INTRODUCTION
Many horse owners utilize artificial reproductive technologies to allow their mares to
remain in training and produce offspring (Squires et al., 2003). It has been perceived that mares in
competition during the breeding season produce fewer embryos and/or fail to conceive. There is
little information on the effects of heat stress or exercise on mare reproductive efficiency. Sertich
(1989) reported an embryo recovery rate of 40.5% in 111 uterine flushes of performance mares in
training and competition over a 4-year period. Typical embryo recovery rates of non-exercised
mares range between 50 to 75% (Vogelsang et al., 1985; Squires et al., 2003). Mortensen et al.
(2009) reported mares exercised daily for 30 min under hot and humid conditions achieved rectal
temperature increases from 38.0°C to 39.9°C and had a significantly reduced embryo recovery
rate than non-exercised mares,63% versus 34%, respectively (P<0.05). Additionally, the
researchers reported ovulations from smaller follicles in Exercised mares, 39.8 ± 0.5 compared
with 41.5 ± 0.5 mm diameter in Control mares and an increased time from PGF2α administration
to subsequent ovulation (9.27 ± 0.29 d in exercised mares compared with 8.47 ± 0.34 d in control
mares; Mortensen et al., 2009). A consequential effect of exercise in horses was the substantial
increase in heat accumulation. The authors concluded reduced embryo recovery/fertility could not
be delineated due to either heat or exercise-induced stress on the reproductive axis.
Stress has been shown to reduce fertility in livestock animals (Dobson and Smith, 2000;
Tilbrook et al., 2002). Stress is described as the inability of an animal to cope with its
environment, a disruption of homeostasis; an induction of allostasis, or the state of an organism
under the influence of external or internal forces which alter its dynamic equilibrium ( Dobson
and Smith, 2000; Tilbrook et al., 2002; Mastorakos et al, 2005). Exercise is a physical stressor
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that challenges homeostasis (Mastorakos et al., 2005) and affects five major categories of
biological function: 1) stress responses, 2) availability and utilization of metabolic energy, 3)
maintenance of homeostasis, 4) growth and maintenance of cardiac and skeletal muscle, and 5)
reproduction (Borer, 2003). Exercise and stress stimulate a series of complex adaptive responses.
When stress adaptive responses are inadequate, excessive or prolonged stress can disturb the
normal function of physiological systems, including reproduction (Tilbrook et al., 2002).
The stress response can be mediated by the nervous system and/or by hormones produced
by the endocrine system. A hormone is a chemical substance produced in the body that controls
and regulates the activity of certain cells or organs. Most hormones can fall into two broad
categories, steroid hormones and nonsteroidal hormones. Steroid hormones have a classic ring
structure and are lipid soluble, allowing them to diffuse across cell membranes. Steroids exert
their effects through direct gene action that occurs after intracellular diffusion. Nonsteroidal
hormones do not diffuse through cell membranes and for biological activity must bind to specific
receptors located on the cellular membrane. Activation of these receptors induces a cascade of
events that cause changes in cellular form and/or function (McKeever, 2002).
Several hormones of importance for reproduction and maintenance of homeostasis during
and after exercise are produced by the anterior and posterior lobes of the pituitary gland. The
hypothalamus acts as an integrator in the controlled system, exerting control over the pituitary
through neural and endocrine mechanisms. Hormones produced by the anterior lobe of the
pituitary include growth hormone (GH), thyroid stimulating hormone (TSH),
adrenocorticotrophin (ACTH), endorphins, enkephalins, dynorphins, follicle stimulating hormone
(FSH), luteinizing hormone (LH), and prolactin. The first three (GH, TSH, ACTH) play
important roles in growth and development in young animals and metabolism in adults. The
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endorphins, enkephalins, and dynorpins are opiate-like peptides that modulate pain reception. The
last three (FSH, LH, prolactin) are considered essential to normal reproduction and lactation.
Hormones released from the posterior lobe include arginine vasopressin (AVP) and oxytocin.
Arginine vasopressin plays a role in blood pressure regulation and fluid and electrolyte balance.
Oxytocin does not appear to play a role in the exercise response in horses (McKeever, 2002).
During exercise, the adrenal glands increase production of epinephrine, norepinephrine
and corticosteroids (Guyton and Hall, 1996; McKeever, 2002). The primary layers of the adrenal
glands are the adrenal medulla and the adrenal cortex. The medullary portion produces
epinephrine and norepinephrine. The adrenal cortex contains three specialized zones: the zona
glomerulosa, zona fasciculate and zona reticularis. The cortex produces a multitude of steroid
hormones (corticosteroids) that fall into three major categories: mineralcorticoids (aldosterone),
glucocorticoids (cortisol) and gonadocorticoids (androgens and estrogens). The major
glucocorticoid secreted by the adrenal gland is cortisol; however, some cortisone, corticosterone
and deoxycorticosterone are also produced and found in plasma. Deoxycorticosterone has been
reported to be low in the horse with cortisol, cortisone and corticosterone found in a ratio of
16:8:0.5 in equine plasma (McKeever, 2002).
There have been several studies examining the effect of exercise on various stress and
metabolic hormones; as well as several studies examining the effect of stress on reproduction. In
horses, there are limited data on the impact of exercise on folliculogenesis. Evidence suggests that
mares in training experienced decreased fertility when measured by embryo recovery rate (Sertich
et al., 1989; Mortensen et al., 2009). Mortensen et al. (2009) and Sertich (1989) both reported a
decrease in embryo recovery rates in Exercised mares. Additional information suggests that
exercise may have an effect on folliculogenesis in mares as shown by decreased diameter of the
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ovulatory follicle at the time of ovulation (Mortensen et al., 2009). Increasingly, breed registries
are allowing embryo transfer, which allows valuable performance mares to both compete and
produce offspring. Reduced fertility of mares in training potentially increases the costs associated
with breeding. Understanding the biological mechanisms of reduced fertility can possibly lead to
new reproductive management techniques; possibly allowing mares to remain in training and
improving reproductive efficiency. The purpose of this research was to examine the effects of
exercise with minimal heat stress, on cortisol, FSH, LH, estradiol and follicular development in
mares during the breeding season.
The objectives of this study were first to evaluate the effect of exercise of folliculogenesis
in mares, and more specifically to examine the effect of exercise on follicular wave emergence,
deviation and ovulation. The second objective was to examine the effect of exercise on cortisol,
LH, FSH and estradiol concentrations. Previous research has established the effect of exercise on
cortisol concentrations in horses; however, the effect of exercise on reproductive hormones, such
as LH, FSH and estradiol, remains unclear.
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Chapter II
Literature Review
Reproductive Physiology
The ovaries, oviducts, and uterus are important internal reproductive organs of the mare.
The ovary consists of three zones: the cortex, which is lined by germinal epithelium containing
oocytes; the medulla, which consists of a heterogeneous group of cells; and the hilum, where
blood vessels and nerves enter the ovary. As a hormone producing organ, the ovary has two
primary functions. First, the ovarian sex steroids and protein hormones function locally to
modulate events in the development and extrusion of the ova. Second, ovarian hormones are
secreted into circulation to act on a variety of target organs (Berne et al., 1998).
There are four types of follicles present in the ovary. Primordial follicles are the most
immature and develop into primary follicles. Primary follicles are characterized by having a
single cell layer of cuboidal cells. Primary follicles eventually develop into secondary follicles,
which have two or more cell layers but lack an antrum. Secondary follicles develop into tertiary
or antral follicles. Antral follicles are characterized by having a fluid filled cavity called an
antrum (Senger, P.L., 1997). The life cycle of a preovulatory follicle can be broken down into
three successive phases, which occur from birth to senescence. The first phase of follicular
growth is independent of gonadotropic support. The second phase is an FSH-dependent
progression of follicular growth, requiring increased stimulation by FSH. This is followed by
phase of LH-responsive maturation, leading to estrogen production and eventual ovulation
(Hillier, 2001). Unlike preantral follicles, antral follicles cannot develop without adequate
gonadotropin stimulation (Donadeu and Pedersen, 2008). Research into the temporal association,
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combined with the blocking and administering of FSH, have conclusively demonstrated that FSH
is the key hormone inducing follicle recruitment (Driancourt, 2001). The acute dependence of
follicular waves on FSH has been shown in mares by the inability of follicles to grow beyond 15
mm after suppressing circulating FSH (Donadeu and Pedersen, 2008).
Ginther et al. (2000) proposed a two-way relationship between FSH and follicles. FSH
stimulates follicular development; however, a decline in FSH occurs after the three largest
follicles grow above 13 mm. This results from an increase in inhibin, presumably inhibin-A,
produced by these follicles (Donadeu and Pedersen, 2008). Declining FSH concentrations
continue to support follicular growth until the largest follicle reaches the expected diameter at the
beginning of deviation, which occurs at approximately 23 mm in light-horse mares (Gastal et al.,
1999b). At deviation, the circulating FSH is too low to support continued growth of follicles; yet
low FSH does not restrict growth of the dominant follicle which has acquired the ability to
efficiently utilize circulating FSH for continued growth (Donadeu and Pedersen, 2008). Ginther et
al. (2000) proposed a close two-way functional coupling between FSH and follicles to be an
integral component of the deviation mechanism. The FSH surge that stimulates emergence of a
wave begins to decline when the largest follicle is 13mm (Ginther et al., 2001). It has been
demonstrated that an FSH decline is necessary for the establishment of deviation. Administering
FSH (Squires, 2006) or immunization against inhibin (McCue et al., 1992) led to a delay or
prevention of deviation as indicated by the development of multiple ovulatory follicles. The
interval from the decline in FSH to deviation is about 3 days in mares. After the beginning of
deviation, FSH continues to decline for several days. The FSH: follicle relationship changes from
multiple- to single-follicle coupling at the beginning of deviation, leading to continued growth of
the dominant follicle (Ginther et al., 2001).
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Follicle stimulating hormone is important for follicular growth prior to deviation, while
LH increasingly influences follicular growth after deviation. The most notable indications that
LH plays a role in deviation are: 1) the granulose cells of the future dominant follicle acquire LH
receptors before the beginning of the expected deviation diameter in heifers and in mares; 2) the
largest follicle in heifers did not grow past 7 – 9 mm when LH was suppressed; 3) a transient
elevation in LH concentrations encompasses deviation in cattle, and a plateau or transient
elevation occurs during deviation in mares (Ginther et al. 2003). The mechanism controlling the
LH elevation that encompasses deviation has not been determined (Ginther et al., 2003). Recent
findings relating to the role of LH in deviation in cattle include: 1) increased responsiveness of
granulose cells from the largest follicle to LH was detected on Day 2 but not one day after
ovulation; 2) treatment with both FSH and LH stimulated greater follicular growth than when
either gonadotroph was administered alone; and 3) growing follicles are uniformly responsive to
increased FSH concentration but differentially responsive to suppressed FSH and LH release.
This is consistent with an LH-mediated survival advantage for the largest follicle of the wave
before cessation of growth by the remaining follicles (Austin et al., 2002; Ginther et al., 2003).
Donadeu and Watson (2007) suggested that circulating LH concentrations above those required
for growth of the dominant follicle are required for the development of ovulatory competence and
for the dominant follicle to become fully responsive to the LH surge. Studies in cattle have
shown that LH receptor expression differentially increases in granulosa and theca cells of the
early dominant follicle (Bao and Garverick, 1998; Beg and Ginther, 2006). Limited data exists
on the involvement of substances other than gonadotropins in the endocrine regulation of antral
follicles in mares (Donadeu and Pedersen, 2008). Interestingly, circulating cortisol in mares has
been found to decrease in association with the beginning of deviation (Ginther et al., 2007a).
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Mares treated with the synthetic glucocorticoid, dexamethasone, had reduced estrous behavior,
decreased LH concentrations and a decreased incidence of ovulation; suggesting low cortisol
during estrus may permit the events that accompany follicle growth and ovulation (Ginther et al.,
2007a). A negative correlation has been observed between serum cortisol concentrations and
maximum follicle diameter (Asa et al., 1982).

Ginther and coworkers (2007b) reported a continuous negative effect of estradiol on LH
throughout the ovulatory follicular wave, which is contrary to many previous conclusions of
estradiol having a positive effect on the LH surge in mares. Donadeu and Ginther (2003)
examined the role of estradiol and inhibin in suppression of FSH and LH during the initiation of
follicular deviation in mares. Circulating total inhibin was higher and FSH was lower at the time
of deviation in the group allowed to grow one follicle greater than 10 mm when compared to the
group where no follicles were allowed to grow greater than 10 mm (Donadeu and Ginther, 2003).
Circulating LH was not affected by total number of follicles but was reduced by administration of
estradiol. Results supported the hypothesis by Donadeu and Ginther (2003) that the largest
follicle near the beginning of deviation produces inhibin and estradiol. Consequentially,
increased circulating estradiol at the beginning of deviation induced FSH suppression in
combination with other follicle substances (presumably inhibin). Results also indicated that
increased estradiol induced suppression of LH (Donadeu and Ginther, 2003).

The mechanism for a reported temporal association between ovulation and a transient
disruption in the periovulatory increase in LH concentrations was studied in nine mares treated
with human chorionic gonadotropin (hCG) when the preovulatory follicle was ≥32 mm (Ginther
et al., 2009). Results indicated that a disruption and depression in the periovulatory LH surge
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occurred at the time of detected ovulation in mares and was temporally associated with a transient
increase in estradiol during an overall progressive decline. Disruption in LH concentrations is
attributable to the estradiol increase, based on a reported negative effect of estradiol on LH. The
source of the circulating estradiol was likely from the discharge of estradiol-laden follicular fluid
into the abdomen during ovulation and rapid absorption of estradiol into the circulation (Ginther
et al., 2009).

Ovulation is triggered by the LH surge, which initiates a cascade of events in granulosa
cells initiating luteinization, signal the egg to commence meiotic maturation and lead to rupture
of the follicle wall (Hillier, 2001). The induction effect of FSH on granulosa cell development
facilitated this response to LH. The LH surge induces 11β-hydroxysteroid dehydrogenase Type 1
(11βHSD1) and down regulates 11βHSD2 expression in granulosa cells of the preovulatory
follicle. Since 11βHSD1 functions mainly as a C11 reductase (converts cortisone to cortisol) and
where 11βHSD2 is a dehydrogenase (inactivates cortisol to cortisone), the change by LH favor
local accumulation of the anti-inflammatory cortisol at a time when rapid healing of the ruptured
surface is required to rapidly restore normal ovarian function (Hillier, 2001).
Follicular Development
During early fetal life, primordial germ cells migrate to the primitive gonadal ridge where
they proliferate and subsequently enter meiotic division to become arrested in Prophase I as
primary oocytes (Donadeu and Pedersen, 2008). Follicle maturation to the preovulatory stage is
the culmination of lengthy processes in which maturation of dormant primordial follicles is
initiated as the granulose cells begin to proliferate and form preantral follicles. Granulosa cells
continue to divide and the number of granulosa cell layers increase as the preantral follicle grows.
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After the preantral follicle attains six to seven granulose cell layers, the theca interna layer
becomes pronounced and the formation of the antral cavity begins. It is generally accepted that
the stages of follicle development up to and including early antral follicular development are
independent of the pituitary gonadotrpins, FSH and LH (Zeleznik, 2004). The equine follicle
develops an antrum at approximately 0.3 mm. It has been reported that growth of an equine
follicle from 0.1 to 1.0 mm takes about two estrous cycles and atresia during this period is rare.
The development of antral follicles in the horse is characterized by periodic growth of cohorts of
follicles or a follicular wave. Follicular waves in the mare are temporally preceded by a
stimulatory surge in circulating FSH. Follicular wave emergence has normally been defined for
experimental purposes as occurring when the largest follicle reaches 6 or 13 mm (Ginther et al.,
2003). Follicular waves have been classified as major or minor waves, depending on whether they
involve the development of an ovulatory follicle or produce nonovulatory follicles. The number
of follicular waves per cycle is usually one or two, with a major wave emerging mid-cycle and
producing the ovulatory follicle. A follicular wave initially involves the simultaneous growth of
a variable number of follicles at a common rate of between 2 and 3 mm/day (Donadeu and
Pedersen, 2008). Major and minor waves develop in mares and cattle from the stimulation of an
FSH surge. Follicles (an average of 7 to 11 per wave) emerge at diameters of 6 mm in horses over
one to several days and enter a common-growth phase. This extends from the beginning of wave
emergence to deviation and lasts about 6 days in mares (Ginther et al., 2003). The exact number
of follicles emerging within a wave is affected by several factors, such as season, pregnancy and
puberty (Donadeu and Pedersen, 2008).
The phase of common growth is followed by the selection of a single follicle
(occasionally two), which is manifested as a deviation in diameter between the two largest
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follicles of the wave (Ginther et al., 2001; Donadeu and Pedersen, 2008). Between emergence and
deviation in mares, the growth rate of the two largest follicles parallel in about 50% of individual
waves (Ginther et al., 2001). There is commonality in follicle wave growth in different species
from different classes, orders and families of the phylogenic tree. This leads to the hypothesis that
conserved mechanisms for dominant follicle selection exist (Mihm and Evans, 2008). There are
two theories of selection; 1) selection is controlled by endocrine mechanisms only, and 2) there is
production of compounds by the largest follicle that directly inhibit development of other follicles
in a cohort (Driancourt, 2001). It is likely some combination of both theories is responsible for
controlling selection. Deviation begins on average 7 days before ovulation and is characterized by
continuous growth of the largest follicle with a simultaneous cease in growth and subsequent
regression of smaller subordinate follicles (Donadeu and Pedersen, 2008). The occurrence of
more than one dominant follicle during a follicular wave in monovulatory species can be
considered a defect in the deviation mechanism (Ginther et al., 2003). The mean diameters of the
dominant follicle and largest subordinate at the beginning of deviation have been reported to be
22.5 mm and 19.0 mm in mares, respectively (Ginther et al., 2003). Deviation is defined as
beginning the day before the examination with an apparent change in differences in diameter
between the two largest follicles (Ginther et al., 2003); the day of deviation can be defined
retrospectively without tracking or maintaining identity of individual follicles (Ginther, 1995;
Ginther, 1998). Ginther at al. (2001) argued the imprecision in measuring the sometimes irregular
shaped follicles can be expected to contribute to the fluctuation in follicular growth profiles. The
time used in completing deviation varies, as suggested by variation in the interval between the
beginning of deviation and terminated growth of subsequent follicles (Ginther et al., 2001). For
these reasons, Ginther et al. (2001) concluded that the beginning of deviation is indistinct in 20%
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of waves (Ginther et al., 2001). However, the follicle that first reached 20 mm in mares became
the dominant follicle in 93% of cases (27 of 29) (Ginther et al., 2001).
Mihm and Evans (2008) described very similar wave dynamics between mares and
women. Both have an occurrence of major anovulatory waves during the luteal phase in 20%
(mares) or 30% (women) of cycles. Mares and women have the occurrence of minor waves
during both the luteal phase and follicular phase of the cycle, albeit the percentage differs
between mares (almost 100%) and women (57%). Mares and women alike have a high frequency
of pre-deviation follicles that emerge with or ahead of the retrospectively identified dominant
follicle in ovulatory waves. A non-ovulatory follicle can be larger 1 day prior to deviation before
the ovulatory dominant follicle, but begins to regress at the time of deviation. Compared to
women the percentage of cycles with twin ovulations are higher in mares (20%) and have
recently been shown to reach similar levels in high-yielding dairy cows (Mihm and Evans, 2008).
Cattle and horses also have similar follicle selection characteristics, despite an approximately 2.5fold greater diameter of follicles in horses throughout the follicular wave (Ginther et al., 2001).

In mares, once a follicle grows to between 35 and 45 mm it normally becomes the
dominant follicle. The dominant follicle will either ovulate or cease to grow and regress,
depending on whether an LH surge occurs (Donadeu and Pedersen, 2008). Ovulation is the
process by which the female germ cell (oocyte) is ultimately released from the ovarian follicle at
the surface of the ovary (Richards and Hedin, 1988). Additionally, ovulation is initiated by the
LH surge and has been compared to an inflammatory response, in which the key regulators
appear to be prostaglandins, plasminogen activators, and collagenase (Richards and Hedin, 1988).
Prostaglandins are associated with, and required for, LH induced ovulation in the rat, rabbit and
pig (Richards and Hedin, 1988).
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Exercise and the Stress Response
Two major stress systems are activated to improve oxygen delivery for the working
muscles in a fight-or-flight situation, the sympathetic nervous system and the hypothalamicpituitary-adrenal (HPA) axis (Hyyppä, 2004). The sympathoadrenal system consists of the
sympathetic nervous system and the adrenal medulla. Activation by stress causes the release of
the catecholamine norepinephrine from postganglionic nerve terminals, while preganglionic
innervation of the adrenal medulla results in an increased secretion of principally epinephrine into
peripheral circulation. Both glucocorticoids and catecholamines mediate the physiological
response to stress in mammals (Tilbrook et al., 2002). No definitive experiments have been
conducted in any species to establish if stress-induced catacholaminergic systems inhibit
reproduction, even though many experiments have shown that treatment with catecholamines in
domestic ruminants and rodents can influence gonadotropin secretion (Tilbrook et al., 2002).
The central players among the HPA axis are corticotrophin-releasing hormone (CRH)
and AVP neurons in the paraventricular nucleus of the hypothalamus (PVN), and other brain
areas, such as the locus ceruleus (LC)/norepinephrine (NE) and central autonomic sympathetic
system in the brain stem (Mastorakos et al., 2005). The activation of these systems is
demonstrated by rapid increases in ACTH, epinephrine, norepinephrine, and cortisol (Hyyppä,
2004). Corticotrophin-releasing hormone and AVP act on the corticotroph cells of the anterior
pituitary gland, stimulating the secretion of hormones derived from pro-opiomelanocortin
(POMC), which include adrenocorticotrophin (ACTH), β-endorphin and α-melanocytestimulating hormone. The significance of β-endorphin and α-melanocyte-stimulating hormone is
unclear. Corticotrophin-releasing hormone, the main ACTH secretagogue, is synthesized by
parvicellular and magnocellular PVN neurons and is secreted along with AVP into the
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hypophyseal portal blood via their projecting axons to the median eminence and to the posterior
pituitary (Mastorakos et al., 2005). ACTH acts on the cortex of the adrenal glands to stimulate
synthesis of glucocorticoids. Glucocorticoids have a negative feedback on the hypothalmopitiutary unit to regulate the secretion of ACTH, CRH, and AVP (Tilbrook et al., 2002).
The second most important modulator of pituitary ACTH secretion is AVP. Vasopressin
synergizes with CRH during stress and their secretion is augmented reciprocally, resulting in
stimulation and secretion of abundant quantities of ACTH from the pituitary and subsequently
cortisol from the adrenals. CRH appears to play a permissive role in ACTH secretion, while AVP
and other factors have synergistic or additive effects. The pituitary corticotroph cells synthesize
and release ACTH after stimulation by CRH (Mastorakos et al., 2005).
Tilbrook et al. (2002) stated it is difficult to determine from studies administering
exogenous ACTH if the effects on gonadotropin secretion are due to direct actions of ACTH or to
the glucocorticoids released from the adrenal cortex in response to ACTH treatment. In cows,
treatment with ACTH inhibited the LH surge and the LH response to GnRH (Stoebel and
Moberg, 1982a). Fuquay and Moberg (1983) reported ACTH can have a direct inhibitory action
at the level of the pituitary in rams. Studies in anestrous ewes concluded that ACTH can act
directly on the pituitary to suppress the secretion of LH induced by GnRH or estradiol and that
these effects are not dependent on increased secretion of cortisol (Dobson et al., 1988). In
contrast, Li and Wagner (1983) observed in adrenalectomized heifers administered ACTH,
circulating LH concentrations were unaffected while intact animals had decreased LH
concentrations, which implied to the observers that the effects of ACTH were mediated by the
adrenal glands (Li and Wagner, 1983). It is difficult to determine if ACTH has a direct effect on
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the HPG axis or if the actions are mediated via glucocorticoids. Tilbrook et al. (2002) surmised
the variable response to ACTH may be due to species differences.
The adrenal cortex is the principle target of ACTH and third level of the HPA axis which
responds by producing glucocorticoids (Mastorakos et al., 2005). Cortisol, a glucocorticoid,
elevates in response to increased ACTH (Hyyppä, 2004; McKeever, 2002; Williams et al., 2002)
by binding of ACTH to high-affinity receptors on the adrenal cell membrane, resulting in cortisol
biosynthesis. Diurnal variation of plasma glucocorticoids has been demonstrated in the rat
(Guilleman et al., 1959), man (Pincus et al., 1954), monkey (Migeon et al., 1955), dog (Harwood
and Mason, 1956), mouse (Halberg et al., 1958), and horse (Zolovick et al., 1965). In women, the
release of cortisol follows within minutes of ACTH secretion (Mastorakos et al., 2005).
Secretion of cortisol in the horse is episodic, with a pulse interval of about 2.5 hours (McKinnon
and Voss, 2005). Total plasma glucocorticoid concentrations in horses were found to be highest
in the early to late morning with the minimum concentration found in the evening (FlisnińskaBojanowska et al., 1991; Zolovick et al., 1965). In addition to diurnal variation there appears to
be seasonal variation in the mean diurnal cortisol concentrations with acrophases in October,
January and March (Flisnińska-Bojanowska et al., 1991). In resting animals, cortisol
concentrations did not peak higher than 130 ng/ml and in horses challenged with a large dose of
ACTH (200 international units), concentrations never exceeded 160 ng/ml (James et al., 1970).
James and coworkers (1970) were unable to find any effect of venapuncture on plasma cortisol
levels in their trained ponies; additionally, they concluded that adrenocortical function in the
horse is similar to other species, most notably man. The cyclic variation of cortisol was found to
be in phase with total glucocorticosteroid concentrations in horses (Zolovick et al., 1965).
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Between pregnant and non-pregnant mares, no difference in cortisol could be found with age
(Hoffsis et al., 1970).
The primary metabolic effect of cortisol during exercise is to increase hepatic
gluconeogenesis and promote lipolysis, which provides fuel during submaximal exercise
(Hyyppä, 2004). Cortisol has a catabolic effect on muscle. High levels of cortisol may attenuate
the anabolic effect of growth hormone, testosterone and insulin. Normal basal secretion of
cortisol is restored within 24 hours of exercise. Research has suggested that physical conditioning
potentiates the action of cortisol, resulting in smaller increases in post exercise ACTH and
cortisol (Hyyppä, 2004). Exercise has been associated with an increase in plasma cortisol in many
species, including man and horses (McKeever, 2002). Plasma cortisol is positively correlated
with exercise intensity. At a VO2max of 48.3 ± 1.4 %, 82.3 ± 2.0%, and 92.6 ± 0.4 % cortisol
concentrations increased 114 %, 124 %, and 126 % respectively, compared to resting levels
(Jimenez et al., 1998). In examining horses under various levels of exercise, it was found that
increases in plasma cortisol concentration reflected both the intensity and duration of exercise
(Gordon et al., 2007; Hyyppä, 2004; Linden et al., 1991; McKeever, 2002; Williams et al., 2002).
Moderate exercise in horses did not induce significant increases in plasma cortisol concentrations;
however, strenuous exercise caused a significant increase (Linden et al., 1991). Linden et al.
(1991) also found post-endurance riding plasma cortisol concentrations values were significantly
higher when compared to other riding disciplines. These results indicted long duration and low
intensity work induces a higher plasma cortisol change than high intensity short duration (Linden
et al., 1991). Malinowski et al. (2006) reported plasma cortisol concentrations in horses increased
within 5 min upon cessation of exercise. Cortisol remained elevated for 40 min in both young
horses (mean 6.8 yrs) and old horses (mean 27 yrs), while in middle aged horses (mean 15.2 yrs)
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cortisol remained elevated for 60 min (Malinowski et al., 2006). Church et al. (1987) found that
exercising horses at high intensity produced increases in plasma ACTH and cortisol
concentrations. Peak cortisol concentrations were found 30 minutes post exercise. Prior research
suggested that training may produce an adaptation of cortisol concentrations (Snow and
MacKenzie, 1977); however, Church et al. (1987) found no significant change in cortisol in
response to training. Highly trained human athletes in sustained physical conditionings exhibited
a chronic mild hypercortisolism at baseline (Luger et al., 1987).
Stress Effects on Reproduction
There is increasing evidence of exercise related short-term and long-term consequences
in female athlete that many authors described as “exercise-related female reproductive
dysfunction” (Mastorakos et al., 2005).The HPA axis exerts an inhibitory effect on the female
reproductive system (Kalantaridou et al., 2004). Reproduction could be potentially inhibited by
components of the stress pathways and activation of stress systems that potentially influence
reproduction at any level of the hypothalamic-pituitary-gonadal axis. This includes neuronal
pathways that are activated during stress and synapse with GnRH neurons and/or interneurons
that project to GnRH neurons; and circulating hormones released during stress that act in the
brain (Tilbrook et al., 2002). Dobson and Smith (1995) proposed stress may impact reproduction
by interference with correctly timed GnRH secretion controlled by neurotransmitters, and/or by a
deleterious influence of the HPA axis on the action of GnRH at the pituitary. CRF inhibits
hypothalamic GnRH secretion, while glucocorticoids suppress pituitary LH, ovarian estrogen and
progesterone secretion; consequentially, rendering target tissues resistant to estradiol
(Kalantaridou et al., 2004). While it is possible stress may directly influence the gonads, it is
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generally accepted that the predominant influence is on the secretion of GnRH, LH, and FSH
(Tilbrook et al., 2002).
The female reproductive system is highly sensitive to physiological stress, and
reproductive abnormalities including delayed menarche, primary and secondary amenorrhea and
oligomenorrhea (Warren and Perlroth, 2001). Menstrual abnormalities in the female athlete result
from suppression of the spontaneous pulsatile hypothalamic secretion of GnRH, which results in
decreased pulsatile secretion of LH and FSH and shuts down stimulation of the ovary (Manore,
2002). A number of factors, such as energy balance, exercise intensity, training practices,
bodyweight, fat composition, eating disorders, and physical and emotional stress may contribute
to the development of female athletic dysfunction. The stress of exercise, the concomitant
activation of the hypothalamic-pituitary-gonadal (HPA) axis, and the observed hypercortisolemia
are some of the main factors that lead to suppression of the HPG axis (Mastorakos et al., 2005).
Increases in glucocorticoids may be causally linked to the inhibition of reproductive function that
is another physiological correlation that often accompanies stress (Daley et al., 2000).
Administration of natural or synthetic glucocorticoids has an anti-gonadal effect in rodents,
horses, primates and sheep (Daley et al., 2000). Asa and Ginther (1982) reported mares treated
with dexamethasone, a synthetic glucocorticoid, only 1 of 8 mares exhibited estrous behavior and
only 2 appeared to ovulate. This suggested a negative feedback action of dexamethasone on the
pituitary or hypothalamic mechanisms controlling release of LH. The ability of dexamethasone to
interfere with ovulation suggested a potential influence of adrenal gland secretions on the
reproductive physiology of the mare (Asa and Ginther, 1982).
Breen et al. (2007b) reported acute psychosocial stress has been shown to inhibit pituitary
responsiveness to GnRH in sheep. The authors postulated the inhibition of GnRH was due to
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cortisol effects on the Type II glucocorticoid receptor (GR),since the GR was found to be
essential for suppression of reproductive neuroendocrine function (Breen et al., 2007b). Breen et
al (2007a) observed that the selective Type II GR agonist, dexamethasone, mimics the inhibitory
action of cortisol on pituitary responsiveness to GnRH. The authors stated the rapid action of
cortisol can be expressed directly upon pituitary cells with an acute reduction in pituitary
responsiveness to GnRH. Increasing evidence suggests the mode of cortisol action is dependent
on the duration of cortisol exposure. Studies in rat and porcine pituitary cultures suggest
glucocorticoids can inhibit signaling mechanisms downstream of the GnRH receptor (Suter et al.,
1988; Li, 1994). In the hypothalmo-pituitary disconnect sheep model, a surgical procedure used
to isolate the pituitary gland from hypothalamic influences, cortisol did not reduce the amplitude
of LH pulses driven by repeated pulse-like boluses of exogenous GnRH (Stackpole et al., 2006).
Research results suggested that cortisol may act indirectly via the hypothalamus to elicit a
mediator that acts on the pituitary to inhibit response to GnRH; a mediator akin to the
gonadotropin-inhibiting factor recently suggested to exist in birds and mammals (Tsutsui et al.,
2000; Bentley et al., 2003; Kriegsfeld et al., 2006). It is possible that undisturbed communication
with the hypothalamus is required to maintain cells in the pituitary responsive to regulatory
molecules, such as cortisol.
Elevated plasma cortisol concentrations are correlated with signs of stress in mammals.
In swine, glucocorticoid treatment delayed the onset of estrus and blocked the preovulatory surge
of LH (Ziecik and Zieminska, 1995). However, Brant et al. (2009) reported sows administered
cortisol every 2 hours for 48 hours from the onset of standing estrus had no differences in
ovulation, or cystic ovaries; although previous studies had shown a higher incidence of cystic
ovaries (Einarsson et al., 2007). They further reported increased progesterone concentrations, and
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prolonged interval between estradiol and LH peaks, and LH peaks and ovulation. Cows given
ACTH for 3.5 days during the follicular phase were observed to have a delayed preovulatory LH
surge and onset of behavioral estrus (Stoebel and Moberg, 1982a). Administration of ACTH
increased progesterone, decreased estradiol and basal LH concentrations. In cattle given a cortisol
infusion, 3 of 4 responded with a suppressed LH surge and decreased behavioral estrus; however,
average basal LH concentrations were elevated (Stoebel and Moberg, 1982a). It has also been
reported in women that corticosteroid treatment for Cushing’s syndrome will prevent or reduce
GnRH induced release of LH (Boccuzzi et al., 1975).
Baucus et al. (1990) examined the effect of transportation on reproduction in mares.
Cortisol concentrations increased mid- and post trip, but no effect was found on plasma
concentrations of estrogen or LH. Additionally, no effect on serum concentrations of
progesterone during diestrus was found in pregnant or non pregnant mares. The authors further
reported transportation during the preovulatory period did not delay or block estrus or ovulation,
nor alter the length of the estrous cycle. Braden and Moule (1964) reported transporting ewes 1 to
3 days prior to expected ovulation increased the time to ovulation. Other studies have found a
detrimental effect of various types of stress on the estrous cycle, but these differences may be due
to the timing, duration and type of stress (Baucus et al., 1990).
One potential complication of studying the effect of stress on reproduction is that the
varying endocrine status throughout the estrous cycle may modulate the response to stress.
Estradiol infused intravenously at a rate of 65.6 ng/kg/hr in Rhesus monkeys appeared to enhance
the inhibitory effect of glucocorticoids on gonadotropin secretion (Kesner et al., 1987). In
rodents, there is evidence that sex steroids may interact with both the central and peripheral
substrates of stress, possibly modifying the HPA response (Vavakopoulos and Chrousos, 1993).
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At this stage, not all studies demonstrated a positive correlation between HPA activity and
estrogen (Haas and George, 1989); and in some instances a reverse relationship has been found
(Lindheim et al., 1992; Xiao et al., 1996). Ferin (1999) proposed a systematic comparative study
is needed to define the effect of stress at various stages of the estrous cycle.

Estrogen signaling to GnRH neurons is critical for coordinating the preovulatory surge of
LH and follicular maturation. Until recently, it was thought that estrogen signaled GnRH neurons
only indirectly through numerous afferent systems. Recent evidence suggested that GnRH
neurons are regulated by estradiol, primarily through E2 receptor (ER)-β, and indirectly through
E2-sensitive neurons in the anteroventral periventicular (AVPV) region (Bloch et al., 1992;
Shughrue et al., 1997). Data suggested that E2 generally repressed GnRH gene expression;
however, repression is transiently overcome by indirect E2–dependent signals relayed by AVPV
neurons (Petersen et al., 2003).

In dairy cattle, those with lower body condition scores had a greater likelihood of
anovulation and smaller maximal size of anovulatory follicles. High producing dairy cows have
shorter duration of estrus than cows with lower milk production (Lopez et al., 2004). Wiltbank et
al. (2006) suggested that high milk production leads to decreased circulating estradiol
concentrations producing a decreased duration of estrus. In high milk producing cows it was
observed that decreased estradiol possibly led to increased follicular diameter by delaying the
time to estradiol induced estrus, GnRH/LH surge, and ovulation (Lopez et al., 2004). Double
ovulation has been linked to increased milk production. Double ovulation in high producing dairy
cows was 20.2% compared to below average producing cows at 6.9% (Fricke and Wiltbank,
1999). This effect of milk production on reproduction is most closely related to the level of
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production within the 2 weeks before the cow ovulates, not total milk production during the
entirety of lactation (Lopez et al., 2005). Cows with higher milk production ovulated larger
follicles, have lower circulating estradiol concentrations, increased volume of luteal tissue and
reduced circulating progesterone concentrations (Lopez et al., 2005). Wiltbank et al. (2006)
proposed two explanations for the disconnect between circulating steroid concentrations, size of
follicles and CL function; 1) follicles and CLs are less steroidogenically active or 2) lactating
cows have increased steroid metabolism as milk production increases, possibly due to increased
blood to the liver.

Another possible means by which stressors may affect reproduction is on the feedback
actions of gonadal hormones (Tilbrook et al., 2002). Interestingly, the reduction in gonadotropin
secretion induced by stress or exogenous glucocorticoid is accentuated by gonadal steroids. Daley
et al. (2000) suggested that glucocorticoids enhance the negative feedback potency of gonadal
steroids. In ewes, administration of neither estradiol nor stress-like concentrations of cortisol
resulted in significant reduction in serum concentrations of LH and suppression of LH pulse
frequency; however, when estradiol and cortisol where administered simultaneously, LH
concentrations and pulsatility where reduced. This suggested that both short-term and chronic
administration of stress-like concentrations of cortisol increase the negative feedback of estradiol
on LH. Daley et al. (2000) postulated that the reduced fertility associated with stress may reflect,
at least in part, cortisol-dependent enhancement of the negative feedback potency of estradiol.
The negative feedback of estradiol results in reduced activity of the hypothalamic GnRH pulse
generating system and decreased gonadotropin secretion. It is interesting to note that this response
to stress is particularly acute during the follicular phase of the reproductive cycle and less
prominent in ovariectomized animals or animals in the luteal phase (Daley et al., 2000).
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Chapter III

MATERIALS AND METHODS

Mares, Feed and Body Condition

The Institutional Animal Care and Use Committee of Clemson University approved this
study (AUP2007-080). Thirteen horses, 12 quarter horses and 1 thoroughbred, ages 3 to 15, were
randomly assigned to exercise (n=5) or control group (n=7). Mares were both physically and
reproductively sound, as determined by a physical and ultrasound examination. The study began
in April and ended September 2008 at the Clemson University Equine Center (Latitude: 34° 41’
1” N). Mares were housed outdoors on approximately 5 acre pastures; diets were supplemented
with free choice Coastal bermudagrass hay and a commercial pelleted feed (Legends 12%,
Southern States, Richmond, VA). The pelleted feed was given initially at 0.006 % of body weight
per day divided into two feedings. The amount of feed was adjusted as needed to maintain body
condition throughout the study. Halfway through the study (around the end of Cycle 2 and start of
Cycle 3) the two groups were separated to further insure exercised mares were receiving adequate
nutrition. Exercised mares remained in the original pasture with Control mares being moved into
an adjacent pasture. Mares’ body conditions were monitored and diets adjusted as needed. Water
and trace mineral salts were available ad libitum.

Exercise Protocol

To minimize any potential environmental stress (heat and humidity), mares began
exercise at 0800 h. Mares identified for the exercise group were conditioned prior to data
collection. The conditioning period lasted one estrous cycle or roughly three weeks. The speeds
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used for the following gaits are as follows: walk (1.3 m/s), (4.0 m/s), and canter (5.2 m/s). The
first two days were spent allowing mares to become accustomed to walking in the exercise (20
min). Direction on the exercise was changed at about halfway through each protocol. This was
followed by two days of: walking 10 min, trotting 5 min and walking 10 min which progressed to
two days of walking (10 min), trotting (10 min) and walking (10 min) this was followed by a rest
day. Mares began the next week with two days of walking (10 min) followed by trotting (20 min)
and a 30 min cool down (1.2 m/s). Following this mares were walked 10 min, trotted for 30 min
followed by a cool down, this done for an additional two days. Mares were then given two days
as follows: walk (10 min), trot (20 min) canter (5min) and cool down (30 min). Mares were then
given a rest day. The mares then spent an additional three days on this protocol after the rest day.
Following this they were walked (10 min) followed by a trot (20 min), a canter (10 min) and a 30
min cool down. This was done until a mare had ovulated, starting a new cycle at which point she
started the research exercise protocol.

The exercise protocol was administered six days a week as follows: warmed up at a walk
(1.3 m/s), and then exercised for 30 min; 10 min trot (4.0 m/s), 5 min canter (5.2 m/s), 5 min trot
(4.0 m/s), 5 min canter (5.2 m/s), 5 min trot (4.0 m/s). After exercise mares were walked (1.2 m/s)
for an additional 30 min to cool down. Prior to and immediately following exercise, heart rate and
respiration rate were taken twice weekly and rectal temperatures were taken daily. Blood was
collected every other day during diestrus and daily during estrus via jugular venopuncture; prior
to exercise, 30 min post exercise and at approximately 1400 h.
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Ultrasonography

Mares were examined via ultrasound daily and ovulations were spontaneous (not
induced). Orientation of the mare’s reproductive tract, coupled with the size of the colon, allows
the mare’s reproductive tract to be examined using transrectal ultrasonography. Ultrasound
examinations utilized a real-time-B mode ultrasound with a 7.5 MHz linear rectal probe (Aloka
SSD-500; Aloka, Wallingford, CT). The uterus was used as a reference to find the ovaries.
Typically, the ovary is cranial, lateral and dorsal from the tip of the uterine horn. Orientation of
the ovary can typically be unclear due to its mobility (Ginther, 1995). For the purposes of this
study the orientation of the ovary was unimportant. The nature of the ultrasound allows sequential
slices of the ovary to be sampled. Care was taken to ensure the entire ovary was exposed during
examination. As the transducer beam was swept through the ovary, individual follicles were
recorded from printed images for later measurement. Follicular diameter was determined by using
the average of the height and width of the antrum of the follicle from the printed image.

Follicular Analysis

Measurements for the three largest follicles examined using the nontracking method and
normalized to ovulation (without regard to day-to-day follicle identity); typically sixteen days
preceding ovulation (Ginther, 1998). This technique allowed data to be collected faster with less
skill than tracking individual follicles. Additionally, the nontracking method allowed
characteristics of follicular waves and temporal relationships among follicles and other variables
to be analyzed (e.g. FSH concentrations; Ginther, 1998).
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Day of deviation was defined as beginning the day before the examination with the
greatest change in differences in diameter between the two largest follicles (Ginther et al., 2003).
The interval from ovulation to deviation and the time from deviation to the next proceeding
ovulation were determined. The growth rate for the 24 h prior to and post deviation was
determined for the dominant and largest subordinate follicles by calculating the change in
diameter for the corresponding time period. Growth rates of the dominant and largest subordinate
follicle from deviation to ovulation were determined from the slope of the corresponding follicle
profiles. Interovulatory interval was defined as the time from ovulation to the next subsequent
ovulation.

Data were normalized to the 16 d prior to ovulation. Follicles were recorded without
regard to day-to-day identity. Additionally, follicles for a given day were grouped by diameter
(mm) into: <5 mm, 6 mm -10 mm, 11 mm -15 mm, 16 mm-20 mm, and >20 mm categories. End
points were the number of follicles in a given category.

Once deviation was determined from nontracking follicular analysis, follicular and
hormonal (cortisol, FSH, LH and estradiol) data were normalized to both deviation (and the
following 2 d) and ovulation (and the preceding 2 d).

A mathematical method used by Ginther (1995) was initially used to examine follicular
wave emergence. Profiles of the three largest follicles per ovary were made without regard for
day-to-day identity. Once the dominant follicle was identified it was removed from the data and
the mean of the remaining six largest follicles was defined as small category follicles. A wave
was defined as a significant increase, followed with a significant decrease, in the diameter of the
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mean of the six follicles. The day of emergence was defined as the lowest mean preceding the
significant increase.

Hormone Analysis

Samples from 0800, 0900, and 1500 h were assayed for LH, samples from 8:00 h and
9:00 h were assayed for cortisol, samples from 14:00 h were assayed for FSH and samples from
8:00 h were assayed for estradiol -17β. Samples were collected into untreated Vacutainer™ tubes
(BD Vacutainer, Mansfield, MA, USA) and refrigerated overnight. Samples were then
centrifuged (2,400 x g for 20 min; IEC HN-S Centrifuge, Damon/IEC Division) and the serum
decanted and stored (-20° C or -80°C) until assayed. Serum samples were assayed at the Clemson
University Endocrine Physiology Laboratory unless otherwise noted. The intra- and inter-assay
CV was 6.1% and 4.5% for cortisol, 20.1% and 10.4% for LH and 24.8% and 21.3% for estradiol.

Cortisol

Cortisol concentrations were measured using Coat-A-Count Cortisol assay kit (Siemens
Medical Solutions Diagnostics, Munich, Germany). This procedure is a solid-phase
radioimmunoassay (RIA) which utilizes 125I-labeled cortisol to compete with the sample’s cortisol
for a fixed period of time. Four plain 12x75 mm tubes are labeled for total count (TC) and
nonspecific binding (NSB). Twelve Cortisol Antibody-Coated Tubes A (maximum binding)
through F (lowest point on the standard curve; Table 3-1) are labeled in duplicate; as well as
additional tubes for samples were labeled in duplicate. Each tube labeled A through F as well as
the sample tubes had 25µL of the appropriate standard or sample added directly to the bottom of
the tube. Next, 1.0 ml of 125I-labeled cortisol was added to each tube and the tubes were vortexed.
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Tubes were incubated in a 37°C water bath for 45 min. Tubes were decanted, dried and placed in
a gamma counter for one min.

Table 3-1. Cortisol Standards: Standards used to develop a standard curve for the cortisol
RIA.

Test Tube

µg/dL nmol/L

A

0

0

B

1

27.6

C

5

138

D

10

276

E

20

552

F

50

1,380

Luteinizing Hormone
Luteinizing hormone was analyzed via radioimmunoassay using 125I-labeled equine LH
(eLH; provided by the National Hormone and Peptide Program, Los Angeles County HarbourUCLA Medical Center, Torrance, CA) . Tubes were labeled TC, total binding (TB) and NSB with
100 µL standards labeled A through H (table 3-2) added to 12x75 mm tubes in duplicate. Added
to each standard was 100 µL of phosphate buffered saline with 0.5% bovine serum albumin
(PBSA). Additional tubes were labeled for each sample and had 200 µL of sample added in
duplicate. Next, 100 µL of the eLH antibody was added to all tubes except total count and
nonspecific binding. Then 100 µL of 125I-labeled eLH diluted to approximately 12,000 to 12,500
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counts per minute (cpm; diluted with 0.5% PBSA) was added to all tubes. Tubes were then
incubated overnight. On the second day at 0900 h, all tubes (except total count) had 100 µL of
normal rabbit serum added (1.5% solution in 0.5% PBSA) and 1 ml of second antibody diluted in
5% polyethylene glycol (PEG;1:300 dilution in 5% PEG). Samples were then incubated 1 h then
centrifuged at 1,800 x g for 45 min. Tubes were decanted and allowed to dry upside down before
counting for 1 min with a gamma counter.

Table 3-2. Luteinizing Hormone Standards: Standards used (in ng/µL) to develop a
standard curve for the LH RIA.

Test Tube

ng/100µL

A

0.078

B

0.156

C

0.313

D

0.625

E

1.25

F

2.5

G

5

H

10

Estradiol 17-β

Estradiol-17β concentrations were determined using a modification (Gastal et al., 1999;
Ginther et al., 2005) of a commercially available RIA kit (Double-Antibody Estradiol Kit,
Siemens Medical Solutions Diagnostic, Munich, Germany). Equine serum (1000 µl) was

29

extracted with 5 mL of diethyl ether by shaking samples for 10 minutes. Samples were briefly
centrifuged, frozen and the ether extract was decanted into glass assay tubes. Estradiol standards
(3.125 pg/ml - 400 pg/ml) were prepared in 100% ethanol. Ether (samples) and ethanol
(standards) were removed by evaporation on a hot plate at 45° C and 55°C, respectively. Dried
samples were reconstituted with 250 µL assay buffer (PBSMG) and dried standards were
reconstituted with 100 µL of PBSMG and vortexed. The reconstituted samples were aliquoted
into glass tubes in duplicate (100 µL per assay tube). Sample and standard tubes had 30 µl of
Estradiol 17-β antiserum added to all tubes except TC and NSB. Samples were vortexed and
incubated at room temperature for 2 h. Next, 75 µL to 100 µL of 125I-labeled estradiol
(approximately 22,000 cpm) was added to all tubes. Samples were vortexed and incubated at
room temperature for 1 h. Samples (except TC) then had 1 ml of cold precipitating solution added
and were vortexed and incubated at room temperature for 10 min. Samples were centrifuged
(3000 x g) for 15 min, decanted, inverted and allowed to dry for 10 min. Samples were then
placed in a gamma counter for 1 min.

Statistical Analysis

Follicular and hormonal data were normalized to deviation, the ovulation ending a cycle
and the ovulation beginning a cycle. The T test for independent measures was used to compare
data with two means, follicular diameter of the dominant follicle and largest subordinate follicle
between groups and hormone concentrations between groups on corresponding days. Tukey’s
multiple range test was used to detect differences among groups within days. The occurrence of
deviation between groups was compared using a chi square test. Continuous data were analyzed
to determine main effects of group (exercise and non-exercise), cycle, day and their interaction,
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by the SAS MIXED procedure with a repeated statement to account for autocorrelation between
sequential measurements (Version 9.2; SAS Institute Inc., Cary, NC, USA).
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Chapter IV
Results
Exercise Effects
Exercised (n=5) and Control (n=7) mares were examined for a total of 4 consecutive
estrous cycles from April 14 to August 19, 2008. Exercised mares began the study a mean weight
of 1275 ± 24 lbs and a body condition score (BCS) of 6 and finished with a weight of 1334 ± 48
lbs and a BCS of 5. Control mares began the project with a mean weight of 1215 ± 48 lbs and a
BCS of 6 and finished with mean weight of 1412 ± 46 lbs and a BCS of 6.
Following exercise, mean Exercised mare rectal temperatures significantly increased
(P<0.05) from 37.4 ± 0.0°C to 38.3 ± 0.0°C. No significant changes in rectal temperatures were
detected in Control mares. Mean heart rates prior to exercise in the Exercised group were 37.5 ±
1.5 beats per minute (bpm) which significantly increased (P<0.05) after exercise to 54.4 ± 1.6
bpm. Control mares were observed to have a heart rate of 38.8 ± 1.6 bpm that increased
numerically though not significant over the same time period to 40.8 ± 1.3 bpm. Exercised mares
mean post exercise heart rates decreased (P< 0.05) from April 14 to May 6 and then increased
(P< 0.05) from May 6 to June 25 (Figure 4-1). Mean respiration rates prior to exercise for the
Treatment group were 10.6 ± 0.8 respirations per minute (rpm) prior to exercise and increased
(P<0.05) to 25.9 ± 2.0 rpm. During this time period Control mares had a respiration rate of 9.0 ±
0.6 rpm that increase numerically to 10.3 ± 0.8 rpm (no significant difference). No changes were
found in the Exercised mares in the post exercised respiration rate throughout the study.
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Heart Rate (Beats/Minute) and
Ambient Temperature (° C)

Date
Figure 4-1. Mean Heart Rate Post Exercise and Ambient Temperature. Mean
heart rate (± SEM) in beats per minute in Exercised mares after exercise and ambient temperature
(° C). An asterisk (*) denotes a significant difference between days (P< 0.05) For Heart Rate Day:
P<0.05.

Follicle Mapping and the Estrous Cycle
The total number of observed estrous cycles evaluated in the Exercised mares was 26 and
28 in the Control group. Exercised mares during the first estrous cycle had a significantly longer
mean interovulatory interval 23.0 ± 1.2 days (P < 0.05) compared to 20.0 ± 0.7 days for Control
mares. For the fourth and final observed cycle, Exercised mares recorded a significantly longer (P
< 0.01) interovulatory interval (29.8 ± 2.4 days) when compared to Control (22.8 ± 0.2 days). For
Cycles 2 and 3, there was no significant difference between interovulatory intervals of Exercised
or Control mares; 22 ±0.8 versus 21.4 ±0.9 days and 27.6 ±3.0 versus 23.8 ± 0.8 days,
respectively. No group difference was found in the ovulatory diameter of the dominant follicle
for all cycles combined or for any individual cycle. There was no statistical difference in the
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frequency of double ovulations for all cycles combined (P=0.22); however, Exercised mares
double ovulated in 6 of 26 cycles when compared with Control mares, which double ovulated in 3
of 28 cycles.
For all cycles, follicles were counted and placed into groups based on diameter (< 5 mm,
6-10 mm, 11-15 mm, 16-20 mm, and > 20mm; Figures 4-2 through 4-6). Day of ovulation was
defined as Day 0. There was no difference between groups in the mean number of follicles < 5
mm in diameter (Figure 4-2). The Exercised group had fewer (P <0.05) follicles in the 6 to 10
mm range on Days minus (-) 14, -4, -2 and Day 0 (Figure 4-3). The number of follicles between
11 and 15 mm was reduced (P <0.05) in the Exercised group on Days -13, -12, -10, and -1
(Figure 4-4). The Exercised group also had fewer (P <0.05) follicles in the 16 to 20 mm group on
Days -9, -8, -7, and -2 prior to ovulation (Figure 4-5). The Treatment group had more (P<0.05)
follicles > 20 mm on Days -4, -1, and 0 (Figure 4-6).
Follicles were also counted and placed into two groups, those with a diameter < 15 mm
and those with a diameter > 16 mm (Figure 4-7). There was a trend (P=0.06) for Exercised mares
to have fewer follicles in the < 15 mm group. Exercised mares had a numerically fewer mean
number of follicles ≤ 15 mm in Cycles 1 of 2; however, in Cycles 3 and 4, Exercised mares had
significant (P<0.05) decrease in the mean number of follicles ≤ 15 mm. No differences between
groups were found in the mean number of follicles with a diameter > 16 mm. An effect of cycle
was observed, with the mean number of follicles with a diameter > 16 mm increased significantly
(P<0.05) for both groups from Cycle 1 to 3 and Cycle 1 to 4. A group-by-day interaction was
found with Exercised mares having more (P<0.05) follicles on Days -15 and 0 than Control
mares (2.1 ± 0.4 and 0.9 ± 0.4; 3.5 ± 0.4 and 2.6 ± 0.4, respectively). On Days -9 and -8
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Exercised mares had fewer (P<0.05) follicles with a diameter >16 mm than Control mares (2.0 ±
0.4 and 3.3 ± 0.4; 1.9 ± 0.4 and 3.5 ± 0.4, respectively).
Data from the dominant (F1) and largest subordinate (F2) follicles were normalized to the
ovulation at the end of the interovulatory interval (Figure 4-8).No significant difference was
found in the diameter of the F1 follicle between groups. The F2 was significantly larger (P <0.05)
in the Exercise group on Days -1 and Day 0. When examining individual cycles, the Exercise
group had larger (P <0.05) F1 follicles on Days 3 and 4 prior to ovulation during Cycle 1 and
larger F2 follicle on Day -5 and Day -7 prior to ovulation during Cycle 1. During Cycle 2 there
was no significant differences in the F1 follicle for any time point; however, the Control group
had a larger (P <0.05) F2 follicles on Day -12, Day -9, Day -3, and Day -1. There were no
significant differences in the diameter of the F1 follicle between groups in the third cycle or
fourth cycles. No differences were found between groups in the diameter of the F2 follicle for the
third cycle or fourth cycles. The number of cycles with 1 or 2 or more dominant follicles (those ≥
28 mm) was counted for each group. Exercised mares tended to have an (P=0.06) increase in the
number of cycles with 2 or more dominant follicles compared to Control mares (62 % versus 36
% of cycles).

35

Number of Follicles

Days from Ovulation
Figure 4-2. Number of Follicles less than 5 mm. Mean (± SEM) number of follicles
with a diameter less than 5 mm for all estrous cycles. An asterisk (*) denotes a significance
between groups (P <0.05) on an individual day. Group: NSD, Cycle: NSD, Day: NSD,
Group*Cycle: NSD, Group*Day: NSD, Group*Cycle*Day: NSD.
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Number of Follicles

Days from Ovulation
Figure 4-3. Number of Follicles 6 to 10 mm. Mean (± SEM) number of follicles with a
diameter between 6 and 10 mm for all estrous cycles. An asterisk (*) denotes a significance between
groups (P <0.05) on an individual day. Group: P <0.05, Cycle: NSD, Day: NSD,
Group*Day:P=0.10.
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Number of Follicles

Days from Ovulation
Figure 4-4. Number of Follicles 11 to 15 mm. Mean (± SEM) number of follicles with a
diameter between 11 and 15 mm for all estrous cycles. An asterisk (*) denotes a significance
between groups (P <0.05) on an individual day. Group: P <0.05, Cycle: NSD, Day: NSD, Group,
Group*Day: NSD.
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Number of Follicles

Days from Ovulation
Figure 4-5. Number of Follicles 16 to 20 mm. Mean (± SEM) number of follicles with a
diameter between 16 and 20 mm for all estrous cycles. An asterisk (*) denotes a significance between
groups (P <0.05) on an individual day. Group: P<0.05, Cycle: P <0.05, Day: P<0.05, Group*Day:
P<0.05.
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Number of Follicles

Days from Ovulation
Figure 4-6. Number of Follicles Greater than 20 mm. Mean (± SEM) number of
follicles with a diameter greater than 20 mm for all estrous cycles. An asterisk denotes a
significance between groups (P <0.05) on an individual day. Group: NSD, Cycle: NSD, Day:
NSD, Group*Day: P <0.05.
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Number of Follicles
Figure 4-7. Mean Number of Follicles in Two Groupings. Mean (± SEM) number of
follicles < 15 mm and > 16 mm for each estrous cycle. A single asterisk denotes a significant difference
(P<0.05) between groups. For follicles < 15 mm; group: P=0.06, day: P=0.07, cycle: NSD, group* day:
NSD. For follicles > 16 mm; group: NSD, day: P<0.05, cycle: P<0.05, group*day: P<0.05.
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Diameter (mm)

Days from Ovulation
Figure 4-8. Dominant and Largest Subordinate Follicles. Mean (± SEM) diameter
of the retrospectively identified dominant and largest subordinate follicles for all estrous cycles. A
pound sign (#) denotes a significant difference in the mean diameter of the dominant follicle
between groups (P<0.05) on an individual day. An asterisk (*) denotes a significance in the mean
diameter of the largest subordinate follicle between groups (P <0.05) on an individual day. For the
retrospectively identified dominant follicle: Group: NSD, Cycle: NSD, Day: P<0.01, Group*Day:
NSD. For the retrospectively identified largest subordinate follicle: Group: NSD, Cycle: P=0.07,
Day: P<0.01, Group*Day: P<0.05.
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No difference was found between groups in the frequency of the F2 follicle being
ipsilateral or contralateral to the ovulatory follicle. When data were examined for all cycles
combined, Exercised mares contralateral F2 was significantly (P<0.05) larger than the ipsilateral
F2. This was also found in the Control mares, where the contrallateral F2 was significantly larger
(P<0.05). For both groups an effect of cycle (P<0.05) was observed and each cycle was then
examined separately (Table 4-1). In Cycle 1, the ipsilateral F2 was significantly (P<0.05) larger
in the Exercised group; there was no differences between groups in the contralateral F2. There
were no differences between groups in Cycle 2, and in Cycle 3 the ipsilateral F2 was significantly
smaller (P< 0.05) in the Exercised group, while the contralateral F2 was significantly larger (P<
0.05) in the Exercised group. In Cycle 4 the Exercised group had a larger (P< 0.05) contralateral
F2 than Control; however, the control group had no F2 follicles ipsilateral to the ovulatory follicle
during this cycle.
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Exercised Group

Cycle 1
Cycle 2
Cycle 3
Cycle 4

Control Group

Ipsilateral

Contralateral

P-value

20.0 ± 1.0
n=41
15.5 ± 1.1
n=38
14.3 ± 1.0
n=39
19.7 ± 1.1
n=33

16.0 ± 0.7
n=80
19.3 ± 0.8
n=62
24.9 ± 0.9
n=57
26.2 ± 0.9
n=53

< 0.01
< 0.01
< 0.01
< 0.01

Ipsilateral Contralateral
15.2 ± 1.4
n=18
15.3 ± 0.8
n=35
17.9 ± 0.9
n=41
N/A

15.9 ± 0.5
n=84
17.3 ± 0.5
n=74
17.6 ± 0.7
n=39
18.1 ± 0.5
n=112

P-value
0.55
< 0.01
0.83
N/A

Table 4-1. Mean Diameter of the Largest Subordinate Follicle Ipsilateral and
Contralateral to the Ovulatory Follicle. Mean (± SEM) diameter of the retrospectively largest
subordinate (F2) follicles and its relationship to the ovulatory follicle separated by cycle. Group: P<0.05,
cycle: P<0.05, Day: P<0.05 ,Group*Day: P<0.05 , Group*Cycle: P<0.05 , Cycle*Day: NSD,
Group*Cycle*Day: NSD, Ovary: P<0.05 , Group*Ovary: P<0.05 , Cycle*Ovary: P<0.05 ,
Group*Cycle*Ovary: P<0.05, Day*Ovary: P<0.05, and Group*Day*Ovary: P<0.05.

Data were normalized to deviation and were examined from the 24 h prior to and 24 h
after. Day of deviation was defined as beginning the day before the examination with the greatest
change in differences in diameter between the two largest follicles (Ginther et al., 2003). Based
on this definition, deviation was clearly defined in 22 of 25 cycles in the Exercise group and 23 of
31 cycles in the Control group (P=0.28). Diameters of the dominant follicle and largest
subordinate follicle were compared between groups (Table 4-2). When data from all cycles were
combined, the Exercise group tended to have a larger (P <0.05) mean diameter in the dominant
follicle on the day of detected deviation. For all cycles the largest subordinate follicle had a
greater (P<0.05) diameters on Days -1, 0 and 1 in Exercised mares. There were no significant
differences between groups in the mean diameter of the dominant follicle at deviation for Cycles
1, 2, 3, and4. In Cycle 1 the mean diameter of the largest subordinate follicle tended to be larger
(P =0.06) in the Exercise group on the after deviation. No significant differences were observed
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between groups in the mean diameter of the largest subordinate follicle during Cycle 3. In the
final observed cycle the largest subordinate was larger after deviation (P <0.05). There was a
trend (P = 0.08) toward greater variation in the SEM of the mean diameter of the dominant
follicle and largest subordinate follicle at deviation in the Exercise group than in the Control
group from all cycles (Exercised and Control mares, F1: 3.9 ± 0.6 mm and 2.5 ± 0.3 mm;
Exercised and Control mares, F2: 3.2 ± 0.7 mm and 1.7 ± 0.2 mm, respectively).
The time from deviation to ovulation was 4.7 ± 0.4 d in the Exercise group compared to
5.7 ± 0.5 d in the Control group (P = 0.06). The time frame from the end of the growth phase of
the largest subordinate follicle to ovulation was not different between groups; however, there was
a significant increase (P = 0.02) in the time from the previous ovulation to the end of the next
proceeding growth phase in the Exercise group (21.1 ± 0.5 d versus 18.6 ± 0.4 d). No differences
were found from the time of regression of the largest subordinate to ovulation between groups.
Based on previous research (Ginther et al., 2003), 22.5 mm was used as the point of deviation.
The time from when the future dominant follicle achieved a 22.5 mm diameter to ovulation was
greater (P=0.003) in the Exercised group (12.0 ± 2.0 d) compared to the Control group (6.9 ± 0.4
d). The mean maximum diameter of the largest subordinate follicle was greater (P <0.01) in the
Exercised group (31.6 ± 1.3 mm) compared to the Control group (26.8 ± 1.1 mm).
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Cycle

Day

F1 Diameter
Exercise
Control
(n=6)

1

2

3

4

All

-1
Deviation
1
-1
Deviation
1
-1
Deviation
1
-1
Deviation
1
-1
Deviation
1

23.5 ±3.1
26.1 ± 3.1
32.8 ± 3.1
28.6 ± 3.1
32.2 ± 3.1
34.2 ± 3.1
30.8 ± 3.1
32.3 ± 3.1
35.9 ± 3.1
33.1 ± 3.8
36.6 ± 3.8
39.7 ± 3.8
29.0 ± 2.1
31.8 ± 2.1
35.7 ± 1.8

P-value

F2 Diameter
Exercise
Control

(n=6)

22.5 ± 3.1
21.2 ± 3.1
21.9 ± 3.1
25.6 ± 3.1
31.3 ± 3.1
32.2 ± 3.1
24.3 ± 3.4
26.5 ± 3.4
28.8 ±3.4
28.8 ± 4.3
26.3 ± 4.3
32.9 ± 4.3
25.3 ± 2.2
26.3 ± 2.2
30.0 ± 2.2

(n=6)

0.82
0.27
0.41
0.50
0.85
0.65
0.16
0.21
0.13
0.45
0.08
0.24
0.21
0.07
0.10

20.3 ±2.5
23.2 ± 2.5
22.8 ± 2.5
23.8 ± 2.5
26.8 ± 2.5
22.8 ± 2.5
24.1 ± 2.5
28.2 ± 2.5
23.7 ± 2.5
29.6 ± 3.0
30.1 ± 3.0
29.0 ± 3.0
24.4 ± 1.4
27.2 ± 1.4
24.6 ± 1.4

(n=6)

15.8 ± 2.5
17.5 ± 2.5
16.1 ± 2.5
20.3 ± 2.5
22.5 ± 2.5
18.3 ± 2.5
20.0 ± 2.7
23.0 ± 2.7
18.6 ±2.7
21.9 ± 3.5
23.5 ± 3.5
18.7 ± 3.5
19.5 ± 1.5
21.6 ± 1.5
17.9 ± 1.5

Pvalue
0.21
0.11
0.06
0.31
0.21
0.19
0.26
0.16
0.17
0.10
0.13
0.03
0.02
0.01
< 0.01

Table 4-2. Follicle Diameters during the Peri-Deviation Period: Mean (± SEM) diameter of
the retrospectively identified dominant (F1) and largest subordinate (F2) follicles on the day prior to (-1), on
(0) and after (1) deviation for each cycle and all cycles combined. F1 group: NSD, cycle: NSD, Day: P<0.05
,Group*Day: NSD , Group*Cycle: NSD , Group*Cycle*Day: NSD; F2 group: P<0.01, cycle: NSD, Day:
P<0.05, Group*Day: NSD , Group*Cycle: NSD, Group*Cycle*Day: NSD.
No differences were found between groups in growth rates of the dominant follicle or
largest subordinate follicle, for the 24 hrs prior to deviation, or the 24 hrs following deviation.
The growth rate from deviation to ovulation of the dominant follicle was decreased in the
Exercised group compared to the Control group (2.0 ± 0.3 mm/d versus 3.6 ± 0.6 mm/d,
respectively; P<0.05). There was no significant difference in the growth rate of the largest
subordinate follicle from deviation to ovulation between groups.
Emergence of the primary follicular wave was clearly defined by examining the follicular
data in 11 of 25 cycles in the Exercise group and 17 of 30 cycles in the Control group. There was
no difference between groups in the clarity of emergence of the primary follicular wave. No
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significant difference was found between groups in the time from emergence to ovulation. There
was significant variation in the time from emergence to ovulation in the Exercised mares
(P<0.01) and a trend (P=0.07) toward variation in the Control group.
Hormonal Analysis
The mean cortisol concentration at 0800 h (prior to exercise) was 6.23 ± 0.19 ug/dl in the
Exercise group and 6.23 ± 0.18 ug/dl in the Control group. Following the 30 min cool-down
period (0900 h) mean cortisol concentrations were 6.29 ± 0.22 ug/dl in Exercise mare and 5.62 ±
0.16 ug/dl in Control mares. The Exercise group did not have any significant change in cortisol
concentrations; whereas the Control group had a significant decrease (P<0.05) in cortisol
concentrations from the 0800 h to 0900 h. There were no statistical differences in cortisol
concentrations prior to Exercise between groups. However, when compared to the Control group,
cortisol concentrations were significantly elevated (P<0.05) after completion of the exercise
protocol.
Daily cortisol concentrations for 0800 h and 0900 h were averaged for the first and last
cycles, normalized to day of ovulation, graphed according to day and examined (Figure 4-9 and
4-10). There was a significant effect (P <0.05) of group and cycle on the mean cortisol
concentrations of the combined data from Cycles 1 and 4. Cycles were then examined
individually. No differences were found during Cycle 1 (Figure 4-9), between groups or days;
however, Exercised mares had increased (P <0.05) mean cortisol concentrations on Days -16 and
-1, while Control mares had elevated (P <0.05) mean cortisol concentrations on Day -6. During
Cycle 4 (Figure 4-10), a significant (P<0.05) effect of group was found with Exercised mares
having increased cortisol concentration. Exercised mares had an increase (P <0.05) in mean
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cortisol concentrations on Days -15, -14, -7, -2 and 0. There were no significant day-to-day
changes in the Exercised group for Cycles 1 or 4 and in the Control group for Cycle 1. The
Control group had a significant day-to-day decrease (P=0.05) in the mean cortisol concentrations

Cortisol Concentration (ug/dl)

between Days -3 and -2 pre-ovulation during Cycle 4.

Days from Ovulation
Figure 4-9. Cortisol Cycle 1. Mean (± SEM) cortisol concentrations of Cycle 1 normalized
to ovulation. An asterisk denotes a significance between groups (P <0.05). Group: NSD, Day: NSD,
Group*Day: NSD.
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Cortisol Concentration (ug/dl)

Days from Ovulation
Figure 4-10. Cortisol Cycle 4. Mean (± SEM) cortisol concentrations of Cycle 4 normalized
to ovulation. An asterisk denotes a significance between groups (P <0.05). Group: P <0.05, Day:
NSD, Group*Day: NSD.

Luteinizing hormone (LH) concentrations (ng/ml) were normalized to ovulation and
examined for Cycles 1 and 4. No difference in mean LH concentrations was found between
groups. Differences (P<0.05) were found between cycles, and a trend towards a group by day by
cycle interaction (P=0.07) was observed. Furthermore, when both cycles were examined
individually, in Cycle 1 LH was greater (P<0.05) in the Control group than Exercised group on
Day -2 and there was trend (P=0.07) toward LH being higher in the Exercised group on Day -1.
During Cycle 4 Control mares had significantly higher (P <0.05) LH on Day -1 and Day 0.
Maximum LH concentrations were different between (P <0.05) groups; however, no effect of
cycle was observed and a weak (P=0.10) group by cycle interaction was found. Maximum LH
concentrations were combined from Cycle 1 and 4 for the respective group and examined.
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Maximum LH concentrations were lower (P <0.05) in Exercised mares than Control mares, 0.17
± 0.06 ng/ml versus 0.41 ± 0.05 ng/ml, respectively. When cycles were examined individually, no
significant differences were found between groups in maximum LH concentration during Cycle1.
During Cycle 4 maximum LH concentrations were significantly lower (P<0.05) in Exercised
mares than in Control mares (0.12 ± 0.11 ng/ml and 0.50 ± 0.09 ng/ml, respectively).
Estradiol concentrations (pg/ml) were normalized to ovulation. No effect of group was
observed; however, there was a significant effect (P<0.05) of cycle. There was a trend (P =0.09)
towards a group by day interaction and a significant (P <0.05) group by cycle by day interaction.
During Cycle 1 the Exercise group had elevated (P=0.03) mean estradiol concentrations (21.5 ±
4.0 pg/ml) on the day of ovulation compared to Control mares (10.6 ± 2.8 pg/ml). Control mares
tended (P =0.06) to have higher mean estradiol concentrations on Day -1 in Cycle 1. During
Cycle 4 the Exercised group had increased (P <0.05) mean estradiol concentrations on Day -6
while Control mares had higher (P <0.05) mean estradiol concentrations on Day -1 and Day 0.
The percent change in estradiol concentrations from deviation to the maximum
concentration prior to ovulation was not different between groups or cycles. Mean estradiol
concentrations were examined for each mare’s estrous cycle. No effect of group or group by cycle
interaction was observed; however, differences (P <0.05) between cycles were found. Both
groups had a significant increase (P <0.05) in the mean estradiol concentration from Cycle 1 to
Cycle 4. No main effect of group was found on maximal estradiol concentrations. An effect of
cycle was found (P <0.05) but no group by cycle interaction was found. The Exercised mares did
not have any change in the maximum estradiol concentration from Cycle 1 to 4. No effect of
group or group by cycle interaction was found on minimum estradiol concentration; however, an
effect (P <0.05) of cycle was found. Control mares had a significant increase (P <0.05) in
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maximum estradiol concentration from Cycle 1 to Cycle 4. Exercised mares had significantly
higher minimum estradiol concentrations in Cycle 4 (2.7 ± 0.5 pg/ml) than Cycle 1 (1.0 ± 0.5
pg/ml). No significant difference was found in the minimum estradiol concentration of Control
mares between cycles. No effect of group was found in examining the difference between
maximum and minimum estradiol concentrations between groups; however an effect (P <0.05) of
cycle was observed. No significant difference was found between Cycles 1 and 4 in the difference
of maximum and minimum estradiol concentrations in Exercised mares, but Control mares had a
greater difference (P <0.05) from Cycle 1 to Cycle 4. No effect of group, cycle or group by cycle
interaction was observed in the percent change in estradiol concentrations.
Cycle
First:
Day Beginning
Increase
Slope*
Fourth:
Day Beginning
Increase
Slope*
Both:
Day Beginning
Increase
Slope*

Exercise Group

Control Group

p-value

9.0 ± 1.0A

6.5 ± 1.0

0.09

4.2 ± 1.7

5.0 ± 1.7

0.72

15.0 ± 1.2A

8.0 ± 1.0

0.003

1.8 ± 2.1

8.1 ± 1.7

0.03

12.0 ± 0.8

7.3 ± 0.7

0.003

3.2 ± 1.3

6.5 ± 1.2

0.06

Table 4-3. Changes in Estradiol: The day circulating concentrations of estradiol increased
(±SEM) and the slope (± SEM) from the time of the beginning of increasing estradiol concentrations to
A
the ovulation. A superscript A ( ) denotes a difference between cycles within group (P<0.05). Day
beginning the estradiol increase: Group: P<0.01, Cycle: P<0.01, Group*Cycle: P<0.05. Slope: Group:
P=0.06, Cycle: NSD, Group*Cycle: NSD. * Slope was calculated from the nadir of estradiol
concentration to ovulation.
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On average, the time from an increase in circulating estradiol concentrations to ovulation
was longer (P=0.003) in Exercised mares (11.4 ± 1.4 d) than Control mares (7.0 ± 0.5 d). For
Exercised mares, the time from the nadir of the estradiol concentrations to ovulation tended
(P=0.09) to be longer in Cycle 1 and was significantly (P<0.05) longer in Cycle 4 (Table 4-3)
than Control. Exercised mares had a significant increase in the time from the nadir of the estradiol
concentrations to ovulation from Cycle 1 to Cycle 4. To account for differences in the time frame
from the nadir estradiol concentrations to ovulation, the slope was determined separately for each
mare and the data was examined using a T-test. There was no difference in slope of circulating
estradiol from the nadir of estradiol concentrations to ovulation between groups in Cycle 1;
however, the slope was greater (P<0.05) in the Control group for Cycle 4 (Table 4-3).
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Chapter V
Discussion and Conclusion
The results of this study indicated moderate exercise under mild environmental
conditions altered follicular growth and hormone patterns. Exercised mares experienced longer
interovulatory intervals and an increased time from deviation to ovulation. Additionally,
Exercised mares had 1) fewer medium sized follicles, 2) an increase in the diameter of the largest
subordinate follicle, and 3) an increase in the number of follicles > 20mm, on the day before and
day of ovulation. Cortisol and estradiol had marked differences in the Exercised mares prior to
ovulation and maximum LH was considerably lower in Exercised mares. Unlike Control mares,
cortisol remained elevated post deviation in Exercised mares. Luteinizing hormone had lower
maximum concentrations in Exercised mares. Estradiol concentrations increased earlier in
Exercised mares; however, concentrations increased at a slower rate.
The exercise protocol in this study did not increase heart rates to what was expected. At a
walk heart rates are reported to range from 60-80 bpm, a trot 80-100 bpm and a canter 100-180
bpm (Marlin and Nankervis, 2002). The post exercise heart rates remained in the range that has
been reported for a walk. Heart rates in this study may have been higher than observed, since the
Exercised mares were trotted for 5 min after cantering, allowing time for heart rates to recover
and the time from which heart rates were taken post exercise varied from within 1 min to several
min. This gave the mare further time for their heart rates to recover. In Standardbred horse
subjected to a 3 min jog followed by trotting a mile in 170 sec, heart rates were found to decrease
the most in the 5 min after exercise (Marsland, 1968). On average the heart rate decreased by 25
beats per minute within the first five minutes. The Authors noted several of the horses had heart
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rates decrease as much as 100 beats per minute within the first minute following exercise. It is
possible this short rest period between exercise and the recording of heart rates played a role in
the lower than expect hearts rates found. There appeared to be some adaptation to exercise based
on heart rates. The heart rate had declined by Week 3 after the start of the full exercise protocol.
Studies in man have found heart rates decrease after three weeks of training in unfit individuals
and continue to decrease (Winder et al., 1978). The Exercised mares’ heart rates had increased
after three weeks and this may in part reflect an increase in environmental temperatures during
this period. Dill and Consolazio (1962) reported increase heart rates in individuals exercised
under hot conditions. People were exercised for 10 min at 0, 20, 30, 40 and 50° C. Heart rates
were increased with exercise at 50° C. The environmental temperatures in this project never
reached those used in the study by Dill and Conolazio (1962). In the early months ambient
temperatures ranged from 6 to 18° C, while the environment temperatures ranged from 20 to 26°
C. It is possible these increased environmental temperatures may have masked any further
adaptation to training.
One complication of studying the effect of exercise on reproduction are exercise effects
many of the body’s systems. Exercise can affect metabolism and consequently the energy balance
in an individual. Exercised mares had a decrease in the mean body condition score from the
beginning of the project to completion. It is difficult to separate the effect of exercise from
nutrition since both are intertwined. Many well-trained athletes, ballet dancers and women who
diet excessively have secondary or primary amenorrhoea. Less extensive training or weight loss
may result in anovulatory menstrual cycles, or a shortened luteal phase (Frisch 1997). On the
other end of the energy usage spectrum, diabetic and obese women, can also have their fertility
negatively impacted (Hill et al., 2008). It has long been known that the reproductive system is
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sensitive to nutritional status (Hileman et al., 2000), but the exact reltionship between energy
store and fertility remains unclear (Hill et al. 2008). Ovulation can be suppressed by a negative
energy balance whether it is the result of exercise, heavy thermoregulatory costs, or inadequate
consumption (Hill et al., 2008). In women athletes training at a high level, menstrual
irregularities, can result from low energy intake. When the training regimen is relaxed LH pulses
and menstrual cycles resume normally even without significant increases in body fat (Dueck et
al., 1996). This makes it difficult to separate the effects of exercise from the nutritional aspect,
since exercise utilizes energy.
The interovulatory intervals for both groups were longer both early and late over the
course of the study. Previous research indicated that the length of the estrous cycle was longer in
the spring, gradually decreased during the summer and lengthened again during late summer
(Hughes et al., 1972). The current study was done from April to late August, which was within a
similar time frame. During Cycle 1, Exercised mares interovulatory interval was 3 days longer,
and this trend continued to Cycle 4, with Exercised mare’s interovulatory interval lasting 7 days
longer. This could be an indication of the stress associated with exercise. Data from this study
showed Exercised mares had a longer interovulatory interval than Control mares. Chronic-mild
stress has been shown to lengthen the estrous cycle in rats (Grippo et al., 2005), sheep (Doney et
al., 1973) and cattle (Gangwar et al., 1965). Grippo et al. (2005) exposed treatment rats to a
variety of stressors, such as white noise, cage tilting, and water depravation, in random order for a
total of four weeks. Two weeks after exposure to chronic mild stress, rats were reported to have
longer estrus cycles than controls. After four weeks of continuous exposure to stress, the estrous
cycle was increased over their baseline values by 40% (Grippo et al., 2005). Doney et al. (1973)
subjected treatment ewes to environmental stress conditions by simulating consistent rainfall for a
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period of 6 h/d. In stressed ewes, 56 % were observed to have a longer estrous cycle (greater than
26 d), While only 17 % of Control ewes had similar results. The Authors concluded the negative
effect of environmental stress on the estrous cycle was due to pituitary changes and the period of
CL regression and maturation of the final wave of follicular growth was delayed. Consequently
ewes displayed a delay or suppression of estrus and a depression in the mean ovulation rate. In
cattle, estrous cycles have been found to be longer after being kept in a heat chamber
(temperature ranged from 24° C to 35° C) than cattle kept in a milder climate (17° to 19° C). The
Authors noted the treatment cows experienced heat-stress and had a longer cycle length (25 d)
compared to Control cattle (20 d; Gangwar et al., 1965).
In contrast, acute stress in ewes (Braden and Moule, 1963) and diary heifers (Trout et al.,
1998) is reported to have no effect on length of the estrous cycle. Ewes were subjected to stress
on Days 2 and 6 or Days 11 and 13 of the estrous cycle, with Day 1 being the first day of
behavioral estrus (Braden and Moule, 1963). There was no observable effect on estrous cycle
length. In agreement, heat stress administered to dairy heifers via an environmental chamber to
maintain body temperatures between 40° to 40.9° C for 10 hours per day on Day 11 to Day 21 of
the estrous cycle did not influence the length of the estrous cycle (Trout et al., 1998).
Further research examining acute stress in horses, examined the effect of transport of
mares prior to breeding on cortisol and various reproductive parameters (Berghold et al., 2007).
Although fecal cortisol metabolites were elevated in transported mares, no observable differences
were found on any reproductive parameters, including interovulatory interval. Berghold et al.
(2007) concluded that a measurable increase in cortisol did not negatively impact fertility. This
information suggested that length of the estrous cycle may potentially be influenced by the type
and duration of the stress and when stress is applied at critical points during the estrous cycle. The
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possibility exists that acute stress may produce subtle changes, which may not be observed in a
short time period. This does not discount the possibility that a cumulative effect of stress on the
length of the estrous cycle could occur.
In this study, Exercised mares were observed to have a decreased number of medium
sized follicles and an increase in the number of large follicles post deviation. Equine follicles
have been shown to require FSH support to reach diameters beyond 10 mm by administration of a
GnRH antagonist (Pedersenet al., 2002). Donadeu and Ginther (2002) reported that follicles
during the anovulatory season reached a mean maximum diameter of 16 mm. In that study,
during the anovulatory season, LH concentrations remained low but FSH continued to have
surges with associated follicular waves. Their data suggested that rises in FSH concentrations
allowed follicles to reach diameters of 16 mm. Therefore, this may suggest based on the results of
this research, that FSH concentrations may have been influenced by exercise. Exercised mares
were observed to have significantly fewer follicles reaching 15 mm compared to controls.
Similarly, dairy cattle subjected to heat stress were observed to have a similar decrease in the
number of medium follicles on Days 7 to 10 and an increase in the number of large follicles
(Wolfenson et al., 1995).
Exercised mares had significantly fewer small follicles (5 to 10 mm) than Control mares.
It is possible exercise may impact peripheral concentrations of insulin-like growth factor-1 (IGF1). It is well accepted that IGF-1 is an intraovarian regulator of ovarian function (Adashi et al.,
1985). Injections of bovine somatotrophin (bST), growth hormone, have been observed to
increase the recruitment of small follicles in cattle and increase peripheral concentrations of IGF1(Gong et al., 1993). Thompson et al., (1992) found 5 min of exercise in stallions increased
plasma growth hormone (GH) concentrations. Similar increases in GH associated with exercise
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have been observed after exercise in humans with greater increase found with moderate exercise
than severe (Hartley et al., 1972). This evidence would suggest there would be an increase in the
number of small follicles associated with exercise; however, this was not observes in this study.
A second possible explanation could be due to activation of the sympathetic nervous system due
to exercise (Christiansen, 1983). Evidence exists suggesting a role of the mammalian’s
sympathetic innervations on ovarian function (Ojeda et at., 1985; Ojeda et al., 1989). In rats
chronic cold stress induces activation of the sympathetic nervous system while not effecting basal
concentrations of glucocorticoids (Dorfman et al., 2003). Cold stress reduced the total population
of antral follicles and these changes were associated with a neurotrophin-dependent activation of
sympathetic neurons. The cause of the reduction of follicles 5 to 10 mm is unclear especially
considering their gonadotropin independent nature at this stage. Further research is need to
establish if these differences are due to alterations in IGF-1 concentrations, activation of the
sympathetic nervous system, or some other mechanism yet to be defined.
Distinct mid diestrus increases were observed in the mean number of follicles in the 6-15
mm diameter range in Control mares. This contrasts with previous reports of follicles in the 6-15
mm population remaining relatively constant throughout the estrous cycle (Pierson and Ginther,
1987). Increases in mean number of 16-20 mm and > 20 mm follicles began approximately on
Day -15 and -12 in Control mares, respectively. These findings are in agreement with Pierson and
Ginther (1987). The observable increases in the mean number of follicles 16-20 mm was lower in
Exercised mares. Growth of follicles into the 16-20 mm group may have been masked by
regression of follicles (presumably atretic) > 20 mm entering the 16-20 mm follicle pool and may
account for the different between groups on the day follicles in the 16-20 mm grouping start to
increase. Exercised mares had a peak number of follicles >20 mm on Day -4 and the number
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remained constant until ovulation. This was not observed in Control mares. The plateau in the
mean number of follicles > 20 mm in the Exercised mares during the period from deviation to
ovulation raised questions about exercise interfering with the follicle selection mechanism.
Ginther (2000) hypothesized that the largest follicle acquires the ability to suppress FSH
concentrations. Consequently, FSH concentrations are lower than the requirements for continued
growth of smaller follicles; while the largest follicle has the ability to utilize low FSH
concentrations for its continued growth and development. Based on the differences of follicular
growth patterns in this study, it is possible that exercise may interfere with either gonadotropin
secretion or interfere with the development of the largest follicle in a way that impedes its ability
to suppress FSH. Further work is needed to clarify this relationship.
There was no difference in the diameter of the ovulaltory follicle between groups. This is
in contrast to the results by Mortensen et al. (2009) who reported Exercised mares ovulated
smaller follicles (39.8 mm) than Control mares (41.5 mm). In that study, a mixture of Arabians,
Thoroughbreds and Quarter horses were exercised under hot and humid conditions and
consequently subject to higher body temperatures (39.9°C) immediately following exercise than
the temperatures mares achieved in this study (38.3°C). Higher body temperatures coupled with
exercise may have both played a role in decreasing the diameter of the ovulatory follicle. Smaller
diameter dominant follicles have been observed in dairy heifers subject to heat stress (Wilson et
al., 1998). In that study, heifers were housed in a climate chamber with the temperature set
between 21 and 33.5°C depending on the day of estrous cycle. Rectal temperatures in the heat
stress group averaged 39.4° C on Day 14 compared to 38.5° C for Control heifers. In addition to
smaller ovulatory follicles, there were fewer small follicles on Days 15 to 20, and an increase in
follicles > 10 mm on Days 18 to 20. Literature regarding the mechanism by which heat stress
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affects follicles is scant; however, existing literature generally shows a reduction in the ovulatory
diameter of the dominant follicle in heat stressed animals.
Increased diameter of the largest subordinate follicle has been associated with heatstressed dairy cattle (Badinga et al., 1993; Wilson et al, 1998). This study found that exercise
increased the diameter of the largest subordinate follicle at deviation and the two days preceding
ovulation. Once a follicle reaches a diameter ≥ 28 mm it can be considered dominant (Ginther,
1993). Jacob et al. (2009) reported two dominant follicles in only 11 of 32 follicular waves in
mares, or 34 % of waves. Similarly, the Control mares in this study had two dominant follicles in
36 % of follicular waves; while Exercised mares tended to have an increased frequency in the
number of waves (61%) with two or more dominant follicles. During Cycles 3 and 4 in Exercised
mares, two follicles reached a mean diameter ≥ 28 mm at the time of deviation. Both the trend for
an increased frequency of dominant follicles and the increased diameter of the largest subordinate
follicle provide further evidence of exercise impeding or delaying the deviation mechanism.
While the largest subordinate follicle was larger in the Exercised mares during the
deviation period for a majority of cycles, the dominant follicle was not different between groups
until Cycle 4. This may suggest that incremental changes caused by stress are more easily
observed in the largest subordinate follicle than the dominant follicle. In this study, maximum LH
concentrations were lower in Exercised mares and this may have influenced the increased
diameter of subordinate follicles. Decreased LH could slow the growth and/or maturation of the
dominant follicle and further reduce the secretion of feedback regulators, such as inhibin and
estradiol, produced by the dominant follicle (Fortune, 1994). It is possible that heat and exercise
stresses have similar effects on feedback regulators produced by the dominant follicle. Elevated
body temperature may cause alterations in cellular growth which decreased the diameter of the
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dominant follicle, while altering production of feedback regulators and increasing the diameter of
subordinate follicles. This is in agreement with Wilson et al. (1998) who concluded that stress can
alter the mechanisms controlling subordinate follicular development.
Cortisol concentrations found in both the 0800 h and 0900 h samples from both groups
agreed with other published research (James et al., 1970; Asa et al., 1983; Baucus et al., 1990;
Ginther et al., 2007). Other studies have found cortisol concentrations substantially higher, both
at rest and during exercise than concentrations observed in this study (Zolozick et al., 1965;
Hoffsis et al., 1970; Linden et al., 1991; Gordon et al., 2007). One explanation for the 0900 h
samples being lower in Exercised mares may be the intensity and duration of exercise was lower
than other reports; however, this does not explain the differences found in either the 0800 h
samples or the samples from Control mares. It is possible that differences between this study, and
the older studies, in cortisol concentrations may be due to the type of assay used, and the cross
reactivity of each assay with other glucocorticoids. According to the manufacturer, the assay used
in this study has a low percent of cross reactivity with other naturally occurring steroids. Ginther
et al. (2007) reported cortisol concentrations similar to those observed in this research; however,
Gordon et al. (2007) reported cortisol concentrations ten times higher. Both studies utilized the
same radioimmunoassay kit as in this study. The reason for the differences between these studies
is unclear.
Differences between cycles were found with cortisol concentrations which are consistent
with findings by Flisnińska-Bojanowska et al. (1991) who reported cortisol concentrations varied
throughout the year. This study has shown cortisol exhibited a diurnal variation between
samplings in the Control mares with concentrations being higher from the first morning sampling
(0800 h) than in the second sampling (0900 h). Zolovick et al. (1965) found cortisol
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concentrations peaked in the morning and decreased steadily throughout the day. The decrease
found between sampling periods in Control mares is most likely due to this natural variation in
cortisol. Exercised mares did not follow this trend, with cortisol concentrations remaining similar
between samples. This is most likely due to exercise elevating cortisol concentrations. Exercise in
horses has been shown to increase cortisol concentrations (McKeever, 2002) and the increase in
cortisol concentrations vary with the duration and intensity of exercise (Gordon et al., 2007;
Hyyppä, 2004; Linden et al., 1991; McKeever, 2002; Williams et al., 2002). Linden et al. (1991)
examined 5 types of exercise and their effect on cortisol concentrations, with serum sampling
upon completion of the event (within 2 min). Long-duration exercise had higher mean cortisol
concentrations than shorter more intense exercise. Linden et al. (1991) concluded moderate
exercise induced little alterations in mean cortisol concentrations but strenuous and exhaustive
exercise induced dramatic increases. Based upon induced cortisol comparisons, these data
suggested that the level of exercise in this study could be considered moderate, since Exercised
mares did not experience large observable increases in mean cortisol concentrations. Exercise
intensity related effects are the result of increased sympathetic neuron output indicated by
increased catecholamine release (Mckeever , 2002). Nagata et al. (1999) examined cortisol
responses to incremental treadmill exercise in horses. Samples from 1, 5, 10, 15, 30, 45, 60, and
120 minutes were assayed for cortisol concentrations. The Authors reported maximum cortisol
concentrations, in horses exercised at 105% of VO2max until signs of exhaustion, were observed at
15 min and cortisol concentrations recovered to pre-exercise concentrations at 45 min. Horses
exercised at 80% VO2max until signs of exhaustion were found to have maximum cortisol
concentrations at 30 min with a recovery time of 120 min. This research suggested a direct
relationship between cortisol concentrations and exercise duration.
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When examining day-to-day differences, cortisol concentrations decreased around the
time of deviation in Control mares during Cycle 4 but not during Cycle 1. Exercised mares did
not have a significant decrease in cortisol concentrations near or after deviation for any measured
cycle. This might suggest Control mares were under mild stress during Cycle 1, thus cortisol
remained higher. Mares entering a breeding farm and placed in a new pasture with new horses
have been observed to be sub-fertile for 2 to 3 months (W.R. Allen, personal communication,
October 25, 2009). It is possible at the onset of the study, when Control mares were grouped
together for the first time, they may have been both suffering under social stress that persisted
through Cycle 1.This may explain why decreases were observed during Cycle 4 since mares had
been housed together for over 3 months. Asa et al. (1983) reported a surge in cortisol
concentrations around the time of expected luteolysis and a subsequent decline during estrus. This
study did not find a surge around the expected time of luteolysis, but observed a peri- deviation
decline in cortisol concentrations. These results are consistent with a more recent study by
Ginther et al. (2007a) who did not observe a surge around the expected time of luteolysis but
observed a subsequent decline around the time of deviation. No reports of this pattern in other
species have been found. It is unclear if this decrease in cortisol concentrations from deviation to
ovulation allowed events to occur that permit follicular growth and ovulation. Glucocorticoids
have been implicated in the inhibition on LH secretion in primates (Dubey et al., 1985), cattle (Li
and Wagner, 1983) and sheep (Breen, 2005). It is possible that the lack of decrease in cortisol
concentrations post deviation may have played a role in the altered follicular dynamics of
Exercised mares. When considering the potency of dexamethasone, the effect of stress-like
concentrations of cortisol in horses is unclear (McKinnon and Voss, 2005). Mares hauled via
trailer for 12 h on the first day of estrus increased serum cortisol concentrations, but no effect was
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found in LH or estradiol concentrations, and subsequent, estrous behavior or ovulation (Baucus et
al., 1990). This may again suggest acute stress has little or no effect on the mare. However, the
results of this study suggest chronic stress could have a different effect. Duchamp et al. (1987)
treated mares with hCG (2000 i.u.) and dexamethasone and reported a single injection of
dexamethasone did not block ovulation in mares. Dexamethasone is a potent glucocorticoid
similar to cortisol. The Authors reported no significant differences from the Control and
concluded mares may have a resistance to acute increases in corticosteroids. However, injection
of mares from Day 10 to ovulation, with dexamethasone blocked estrous behavior and ovulation,
in 7 of 8 mares (Asa and Ginther, 1982). Although both the single and long-term dexamethasone
injections were supra-physiologic, short-term exposure agrees with investigations into transport
stress on mares, suggesting the possibility that mares may be more resistant to acute stress.
Maximum LH concentrations were not significantly different in Cycle 1, but were lower
in Exercise mares during Cycle 4. It has been documented in mares (Asa et al., 1982) and other
species (Breen et al., 2005; Brandt et al., 2009) that glucocorticoids suppress LH and
consequently reproductive functions. Administration of dexamethasone (15 mg per day) blocked
ovulation and slowed or prevented follicle growth above 20 mm in the mare (Asa et al., 1982).
Follicles in this study achieved diameters > 20 mm, and no ovulation failures were observed. The
dexamethasone dose given in the study by Asa et al (1982) may have been higher than the
physiologic equivalent increase in cortisol caused by exercise in this study. Breen et al. (2007)
found psychosocial stress in sheep decreased the pulsatile release of LH and blocked the resultant
estradiol rise and LH surge. The frequency of sampling in this study did not allow for the
detection of pulsatile differences in LH between groups; however, when considering maximum
LH concentrations it appears exercise reduced the LH surge. Sheep ovarian steroids, particularly
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estradiol, have been found to enable cortisol to inhibit LH pulse frequency (Oakley et al., 2009).
In the study of Oakley et al. (2009), ovariectomized-control ewes were administered cortisol and
ovariectomized treatment ewes were treated with both cortisol and either estradiol and/or
progesterone. The largest observable suppression on LH was with cortisol and estradiol treatment
(Oakley et al., 2009). Maximum LH concentrations were lower during Cycle 4 in Exercised
mares and estradiol was decreased on Days -1 and 0. Estradiol has been used as a rough measure
of follicle maturation, since it is almost entirely derived from the dominant follicle (Macfarlane et
al., 2000). This decreased estradiol production during Cycle 4 in the Exercised group suggests
follicular development may have been impaired by exercise through a reduction in maximum LH
concentrations observed during Cycle 4 but not in Cycle 1. This would seem that exercise
duration and intensity used in this study was not stressful enough to induce immediate observable
changes. This is consistent with literature in ewes, where an inhibition of endogenous LH had no
effect on ovulation but was associated with a decline in plasma estradiol concentrations (Oussaid
et al., 1999). In this experiment, researchers utilized a GnRH antagonist to decrease LH
concentrations. Oussaid et al. (1999) observed decreased plasma estradiol concentrations which
recovered when LH pulsatility was reestablished.
During Cycle 4, estradiol began to increase earlier (Day -11) and was much higher on
Day -6 in Exercised mares; however, Control mares had much higher estradiol concentration on
Day -1 and 0. Estradiol concentrations have been found to increase in the follicular fluid of the
dominant follicle first when the follicle grew from 20.0 to 23.9 mm and again when the dominant
follicle grew from 24.0 to 27.9 mm (Donadeu and Ginther, 2002). The dominant follicle reached
diameters in the 24.0 to 27.9 mm range (Day -6) earlier in Exercised mare and was observed with
the concurrent increase in mean estradiol concentrations. However, no differences were observed
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in Cycle 1, and may reflect changes due to an acute compared to a chronic stress. In chronically
stressed dairy cattle, due to lameness, progesterone concentrations were decreased; however, no
effect was found on estradiol (Walker et al., 2008). The stress from lameness may not have been
severe enough to induce a meaningful stress response as no differences in cortisol concentrations
of lame cows verses non-lame cows were observed. Estradiol was increased in Control mares on
Day -8; however, Day -7 estradiol concentrations returned to concentrations similar to Day -9.
This abhorrent increase is most likely due to missing data (n=2) from that day.
The relationship of estradiol and LH in mares is unclear. Physiological concentrations of
estradiol administered to mares for a short-term period are reported to have a negative effect on
LH (Ginther et al., 2007b); however, this does not discount the possibility that positive feedback
of estradiol on LH. The results of this study are inconclusive on determining the relationship
between estradiol and LH in mares. Kesner et al (1987) examined the effect of GnRH induced
LH release in ovariectomized cows after treatment with estradiol. The Authors concluded
increased estradiol concentrations first reduced, and then increased the ability of the pituitary to
release LH in response to GnRH. Other researchers have observed immunoneutralization of
estradiol inhibited the LH surge in cattle and attenuated ovulation of the dominant follicle, which
became persistent (Kaneko et al., 2002). It is possible estradiol has a similar role in mares by first
having a negative impact on LH release and then develops into a positive feedback on LH release.
It is interesting that both LH and estradiol concentrations were suppressed in Exercised mares,
possibly supporting the concept that LH requires concurrent increases in estradiol in mares.
The effect of ovarian steroids on the adrenal gland is not well documented. However,
estradiol inhibited cortisol synthesis in cultured human fetal adrenal cortical cells (Mesiano and
Jaffe, 1993). When examining the temporal relationship of increased estradiol and decreased
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cortisol concentrations, it is possible that estradiol may have a negative influence on the adrenal
gland and subsequent cortisol production. No discernable relationship can be determined from
these results.
In cattle, there is evidence of cortisol having a suppressive effect on apoptosis in the
corpus luteum (Komiyama et al., 2008). Komiyama et al. (2008) collected and cultured mid-luteal
stage luteal cells, examined the effect of cortisol exposure on mRNA expression of genes
associated with apoptosis. Their results suggested cortisol suppresses TNF-IFNG-induced
apoptosis in bovine corpus luteum in-vitro. This raises the possibility that small increases of
cortisol may act on the CL to delay apoptosis in-vivo. However, the results of this study showed
the time from ovulation to deviation was not different between groups. This suggests the primary
effect of exercise was during the follicular phase of the reproductive cycle. Future research to
examine whether exercise effects the luteal phase of the reproductive cycle by examining corpus
luteum diameter, blood flow to the corpus Luteum, subsequent progesterone concentrations may
be beneficial, and removing the CL and standardizing progesterone concentrations between
groups .
Reproduction involves a complex interaction of hormones which is still poorly
understood and coupling stress with these interactions causes further complexity. Exercise or any
type of stress causes hormonal responses in the body, such as cortisol elevation. Cortisol has been
shown to decrease LH pulsatility in a variety of species (Breen et al., 2005; Brandt et al., 2007)
and its effects seem to be potentiated by estradiol (Oakley et al., 2009). In this study, the effects
of exercise were less pronounced in the first cycle (Cycle 1) than in Cycle 4. This is consistent
with literature in mares examining the effects of acute stress on reproduction (Baucus et al.,
1990). During the first cycle, mares had been in training for approximately 30 days, whereas by
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the fourth cycle mares had been in training for over 90 days. Scant reports exist on the effect of
chronic stress in mares. The question is raised about what physiological changes occur during
prolonged stress that seems to increase influences to the reproductive cycle over time. One
difference between groups and cycles was estradiol increased earlier in Exercised mares. During
Cycle 4, dominant follicles were larger at deviation, and produced large amounts of estradiol. It is
unclear in mares if estradiol is needed in conjunction with cortisol to exert a suppressive effect on
LH in mares. One possibility is long-term stress increased the diameter of the largest subordinate
follicle to the point where it had increased estradiol production. This may have contributed to an
early increase in estradiol concentrations which in concert with cortisol exerted a suppressive
effect on LH. The decrease in LH may have decreased follicular growth and consequently
decreased estradiol concentrations later in the follicular phase.
Exercise and training mares can possibly have important practical ramifications.
Lengthened estrous cycles potentially increases costs to individual owner due to increased time
between cycles and subsequently labor associated with breeding. Additionally, although not
measured in this study evidence exists that exercise is detrimental to mare fertility. Lengthened
estrous cycles can further impact the number of embryos recovered from a performance mare
during the breeding season by decreasing the number of estrous cycles available for collection.
For valuable mares this potentially decreases the number of foals produced in a given year,
especially when taking into account the low potential for superovulation in mares. Low estradiol
concentrations in Exercised mares suggest follicle maturation was effected. This raises questions
about oocyte viability and the effects exercise has on embryo development and embryo recovery
rates from Exercised mares.
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The results of this study have shown that exercise effects reproduction in mares. Exercise
lengthens the interovulatory interval and interferes with the deviation mechanism. This study
found exercise prevented the peri-deviation decrease of cortisol concentrations, found in mares.
The role this plays in reproduction is unclear. It is possible the increased cortisol during this
period decreased LH concentrations. The decrease in maximal LH concentrations observed in
Exercised mares during Cycle 4 may have increased the time from deviation to ovulation by
slowing the growth rate of the dominant follicle, which in turn produced less estradiol. The
depression in estradiol concentrations may have played a role in the increased size of the largest
subordinate follicle. The question remains as to whether the failure of the peri-deviation cortisol
decrease was due to decreased estradiol concentrations or some other signal. Future research is
needed to examine if these hormonal changes impact follicular growth and establish
methodologies to retain normal ovarian function of mares in training and competition used in a
breeding program

69

Appendix A

Diameter (mm)

Supplemental Follicle Figures

Days from Ovulation
Figure A-1. Dominant Follicle, Cycle 1: Mean (± SEM) diameter of the dominant
follicle during Cycle 1. An asterisk (*) denotes a significant difference (P<0.05).
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Diameter (mm)

Days from Ovulation
Figure A-2. Dominant Follicle, Cycle 2: Mean (± SEM) diameter of the dominant
follicle during Cycle 2. An asterisk (*) denotes a significant difference (P<0.05).
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Diameter (mm)

Days from Ovulation
Figure A-3. Dominant Follicle, Cycle 3: Mean (± SEM) diameter of the dominant
follicle during Cycle 3. An asterisk (*) denotes a significant difference (P<0.05).
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Diameter (mm)

Days from Ovulation
Figure A-4. Dominant Follicle, Cycle 4: Mean (± SEM) diameter of the dominant
follicle during Cycle 4. An asterisk (*) denotes a significant difference (P<0.05).
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Diameter (mm)

Days from Ovulation
Figure A-5. Largest Subordinate Follicle, Cycle 1: Mean (± SEM) diameter of
the largest subordinate follicle during Cycle 1. An asterisk (*) denotes a significant difference
(P<0.05).
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Diameter (mm)

Days from Ovulation
Figure A-6. Largest Subordinate Follicle, Cycle 2: Mean (± SEM) diameter of the
largest subordinate follicle during Cycle 2. An asterisk (*) denotes a significant difference
(P<0.05).
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Diameter (mm)

Days from Ovulation
Figure A-7. Largest Subordinate Follicle, Cycle 3: Mean (± SEM) diameter of
the largest subordinate follicle during Cycle 3. An asterisk (*) denotes a significant difference
(P<0.05).

76

Diameter (mm)

Days from Ovulation
Figure A-8. Largest Subordinate Follicle, Cycle 4: Mean (± SEM) diameter of the
largest subordinate follicle during Cycle 4. An asterisk (*) denotes a significant difference
(P<0.05).
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Appendix B

Luteinizing Hormone
Concentration (ng/ml)

Supplemental Hormonal Figures

Group: NSD
Day: P<0.05
Group*Day: P<0.05

Days from Ovulation
Figure B-1. Luteinizing Hormone Cycle 1: Mean (±SEM) luteinizing hormone
concentrations normalized to ovulation. An asterisk (*) denotes a significant difference
between groups (P<0.05) a pound sign (#) indicates a difference that approached significance
(P=0.07).
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Luteinizing Hormone
Concentration (ng/ml)

Group: NSD
Day: P<0.05
Group*Day: NSD

Days from Ovulation
Figure B-2. Luteinizing Hormone Cycle 4: Mean (±SEM) luteinizing hormone
concentrations normalized to ovulation. An asterisk (*) denotes a significant difference
between groups (P<0.05).
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Estradiol Concentration (pg/mL)

Group: NSD
Day: <0.05
Group*Day: <0.05

Days from Ovulation
Figure B-3. Estradiol Cycle 1: Mean (±SEM) estradiol concentrations normalized to
ovulation. An asterisk (*) denotes a significant difference between groups. A pound mark (#)
indicates a difference that approached significance (P<0.07).
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Estradiol Concentration (pg/mL)

Group: P<0.05
Day: P<0.05
Group*Day: NSD

Days from Ovulation
Figure B-4. Estradiol Cycle 4: Mean (±SEM) estradiol concentrations normalized to
ovulation. An asterisk (*) denotes a significant difference between groups.

81

Appendix C

Temperature (°C) / Humidity (%)

Ambient Temperature and Humidity

Date (mm/dd/yyyy)
Figure C-1. Ambient Temperature and Humidity: Ambient temperature (°C) and
humidity (%) during the time of exercise (0800) for the duration of the study.

Mean (± SEM)
Minimum
Maximum

Temperature (°C)
20.6 ± 0.5
6.7
26.1

Humidity (%)
62.7 ± 1.5
27.0
86.0

Table C-1. Descriptive Statistics for Temperature and Humidity: Mean (± SEM),
minimum and maximum ambient temperature and humidity during the study at 0800 h.
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Appendix D
Mean Rectal Temperatures Pre- and Post-Exercise in Exercised and Control Mares

Temperature (°C)

Group: P<0.05
Day: P<0.05
Group*Day: P<0.05

Date (mm/dd/yyyy)
Figure D-1. Rectal Temperatures of Exercised Mares: Mean rectal (± SEM) temperature
(°C) and prior to (Pre; 0800 h) and immediately following (Post; 0830) the time of exercise for the
duration of the study.
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Temperature (°C)

Group: NSD
Day: P<0.05
Group*Day: NSD

Date (mm/dd/yyyy)
Figure D-2. Rectal Temperatures of Control Mares: Mean rectal (± SEM) temperature
(°C) and prior to (Pre; 0800 h) and immediately following (Post; 0830) the time of exercise for the
Treatment group for the duration of the study.

84

Appendix E
International Embryo Transfer Society Abstract 2009
THE EFFECT OF EXERCISE ON FOLLICULOGENESIS IN MARES
D. E. Kelley A , J. R. Gibbons A , S. E. Pratt B , R. L. Smith A and C. J. Mortensen A
A

B

Clemson University, Clemson, SC;
North Carolina State University, Raleigh, NC
Abstract 173

The effects of exercise on follicular development in mares have not been well
established; however, a combination of exercise and heat stress can negatively affect embryo
recovery rate in mares. The purpose of this research was to examine the effects of exercise,
independent of heat stress, on follicular development in mares. One thoroughbred and 12 quarter
horse mares, aged 3 to 15 years, were used in this study. Mares were assigned to the control
group or exercised at 0700 h, 6 days a week, as follows: warmed up 5 min at a walk for 3 m s–1
and then exercised 30 min, 9 m s–1 for 10 min, 13 m s–1 for 5 min, 9 m s–1 for 5 min, 13 m s–1 for
5 min, and 9 m s–1 for 5 min. Exercised mares were given a 1-month conditioning period. Rectal
temperatures were recorded immediately before and after exercise. The mean rectal temperature
of mares increased by 0.85°C during exercise, whereas control mares under the same
environmental conditions did not experience temperature increases. Individual mares underwent a
daily transrectal ultrasound examination with a 7.5-MHz linear rectal probe to monitor follicular
development. Estrous cycles were normalized to 17 days for linear follicular growth analysis.
Exercise had a significant impact on follicular growth at deviation, with a greater diameter of the
largest (P < 0.05) and second largest (P < 0.01) follicles in exercised v. control mares (Table 1).
Additionally, growth rate of the second largest follicle was greater in the exercised group (P <
0.01). Deviation was observed in 13 of 14 cycles in control mares, whereas in exercised mares, it
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was clear in only 11 of 16 cycles (χ2, P = 0.086). Time of deviation was defined as the day when
a difference in the growth rate between the dominant and largest subordinate follicle of a wave
was first observed. The largest subordinate follicle either declined in growth rate or regressed. At
Day –5 (relative to ovulation), exercised mares had significantly greater follicle diameters in both
the largest and second largest follicle (P < 0.05). Exercised mares had double ovulations in 4 of
16 cycles when compared with control mares, which had double ovulations in 1 of 14 cycles. No
differences were found between groups in the length of the estrous cycle or ovulatory follicular
diameter. Exercised mares exhibited larger diameter follicles and an increased growth rate of the
largest subordinate follicle, suggesting that exercise delayed deviation. Further research is needed
to assess the impact of exercise, independent of heat stress, on fertility.

Reproduction, Fertility and Development 21(1) 185–186
Published: 9 December 2008
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Appendix F
Equine Science Society Abstract 2009
Exercise Lengthens the Interovulatory Interval in Mares
D.E. Kelley,1 J.R. Gibbons,1 S.E. Pratt,2 R.L. Smith,1 and C.J. Mortensen,1
1Clemson University, Clemson, SC, USA,
2North Carolina State University, Raleigh, NC, USA
Abstract 31556

INTRODUCTION
Exercise in a hot and humid environment has been shown to be detrimental to embryo
recovery rate and embryo quality in the mare.1 The individual effects of exercise- or heat-stress
could not be separated in that study. Exercise related stress has been shown to be detrimental to
the female reproductive system in women.2 Different stressors, to include exercise, activate the
hypothalamic-pituitary-adrenal axis that suppresses female reproductive function at the level of
the ovary. Research in our laboratory has shown exercise, under cool and less-humid conditions,
influenced folliculogenesis in the mare with delayed deviation of the largest follicle and an
increased growth grate of the second largest follicle when compared to controls.3 The goal of this
study was to examine the effects of exercise on the length of the interovulatory interval and size
of the ovulatory follicle in mares under thermoneutral conditions.

MATERIALS AND METHODS
Thirteen mares aged 3 to 15 years old were randomly assigned to an exercise or control
group. Exercised mares were given a 1-month conditioning period and moderately exercised in a
free-flow exerciser for 6 d week for 30 min at 0700 during the months of April to August in
Clemson, South Carolina. Rectal temperatures were recorded immediately before and after
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exercise. Individual mares underwent a daily transrectal ultrasound examination to monitor
follicular growth and to determine day of ovulation utilizing a 7.5mHZlinear rectal probe.
Interovulatory interval was calculated as day of first detected ovulation to the proceeding day of
first detected ovulation. Emergence of a dominant follicle was established as 22.5 mm based on
previous reports in mares.4 Interovulatory interval, interval from follicle emergence to ovulation,
and follicle diameter at the day prior to first detected ovulation were analyzed by paired sample ttest.

RESULTS
Mares were examined for a total of 4 consecutive estrous cycles. Following exercise,
mean mare rectal temperatures increased 0.85 ± 8°C. Exercised mares during the first estrous
cycle had a significant longer mean interovulatory interval 23 ± 1.2 days (P < 0.05) compared to
20 ± 0.7 days for control mares. For the fourth and final observed cycle, exercised mares recorded
a significantly longer interovulatory interval (29.8 ± 2.4 days) when compared to control (22.8 ±
0.17 days; P < 0.01). For estrous cycles 2 and 3, although not significant, exercised mares
averaged longer interovulatory intervals than control, 22 ± 0.75 v. 21.4 ± 0.93 days and 27.6 ± 3.0
v. 23.8 ± 0.8 days, respectively. A significant delay from follicle emergence to ovulation was
observed in exercised mares (9.6 ± 3.1 days) when compared to control mares (5.8 ± 1.2 days; P
< 0.01). No significant differences were found regarding follicle diameter of the dominant follicle
day prior to ovulation.

DISCUSSION
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These data indicated that moderate exercise under the conditions of this study lengthened
the interovulatory interval in mares, with longer days to ovulation after emergence of dominant
follicles. In agreement, Mortensen et al. (1) reported a longer interval to ovulation in exercised
mares after PGF2a administration. Ginther et al. (2003) defined deviation as apparent changes in
the differences in diameter between the two largest follicles, and observed in cycling mares at
deviation a mean 22.5 mm diameter of the largest follicle. We assigned 22.5 mm for the largest
follicle as a point of deviation in order to examine effects of exercise during the follicular phase
in cycling mares. Exercise had a significant effect on lengthening the interval from emergence of
the dominant follicle and to first observed ovulation in mares. While heat accumulation in the
mares in this study was minimal, 0.85 ±8°C increases after exercise, the mare’s lengthened
interovulatory interval and interval from emergence of the dominant follicle and subsequent first
observed ovulation is similar to those reported in heat-stressed cattle. Roth5 in his review on heatstress effects in cattle stated that heat stress delayed regression of subordinate follicles, increased
frequency of earlier emergence of dominant follicles with increased duration of dominance. The
diameter of the dominant follicle day prior to ovulation did not differ between exercised- or
control-mares. This differs from the study of Mortensen et al1 who reported smaller dominant
follicles the day prior to ovulation from xercised heat stressed mares. In that study, mares were
short cycled with PGF2a and experienced a 1.9 8°C increase in rectal temperature after exercise,
which may have influenced ovulatory follicle diameter when compared to our results. Further
research is warranted based on these results to examine the effects of exercise and related stress
on reproduction function and follicular dynamics in the mare.
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Appendix G
Society for the Study of Reproduction Abstract 2009
Vascular Dynamics of the Corpus Luteum as It Relates to Diameter and Progesterone
Concentrations in Beef Cattle.
Dale E. Kelley 1, Chris J. Mortensen 1, Jillian L. Fain 1, and John R. Gibbons 1
1

Clemson University, Clemson, SC, USA
ABSTRACT 582

Doppler ultrasound is an emerging tool that may be used to evaluate the relationship
between fertility and blood flow to both follicles and corpora lutea (CL). Understanding the
dynamics of vascular perfusion may yield effective tools to evaluate the potential for reproductive
success. The purpose of this investigation was to examine the changes that occur in CL vascular
dynamics as it relates to CL diameter and progesterone concentration in beef cattle. Following a
synchronized estrus (Day 0), daily transrectal Doppler ultrasound (7.5 MHz probe) examination
of the ovaries was conducted to evaluate blood flow dynamics and blood was collected to monitor
progesterone concentrations (Days 5-20). Ultrasound examination consisted of using both color
Doppler and color power Doppler. Color Doppler depicts the strength of perfusion as well as the
directionality in relation to the probe. Color power Doppler does not give information on blood
flow direction; however, it is more sensitive to weak flow. Ultrasound images were saved and
downloaded to a computer for analysis. Color pixels were extracted and saved with an imageediting program. ImageJ (NIH, USA) was used to calculate the total number of colored pixels for
each CL as compared to the total number of pixels per CL and yielded a percentage of vascular
perfusion. Serum was assayed for progesterone concentrations using radioimmunoassay (intra-
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assay variation, 7.5%). Progesterone levels increased at a rate of 0.7 ng/ml/day from Day 5 to 15
where it reached a maximum of 5.8 ng/ml ± 1.2. Subsequently progesterone levels began to
decline at a rate of 1.1 ng/ml/day. The CL reached a maximum area of 428.9mm2 ± 35.7 on Day
12. The percent of perfusion to the CL, using color Doppler mode, increased at a rate of 3%/day
reaching a peak of 44.5% ± 7.9 on Day 17 and then declined at a rate of 9.9%/day. The decrease
in vascular profusion with color Doppler coincided with the day the CL began to regress.
Progesterone concentrations prior to this peak of blood flow were 5.1 ng/ml and 3.3 ng/ml the
following day (p=0.05). Color power Doppler showed the maximum area of CL vasculature
perfusion on Day 19 with 65%±1.3 of the CL experiencing perfusion. Progesterone concentration
prior to the peak of CL perfusion using color power Doppler was 3.3ng/ml compared to 0.4 ng/ml
the day after (p<0.05). These data suggests that changes in progesterone concentrations precedes
changes in CL area and changes in vascular perfusion to the CL. Using progesterone as a
biological marker color Doppler peaked when progesterone concentrations declined 36% where
color power Doppler peaked when progesterone changes dropped 89%. Color power Doppler is
more sensitive to weak signals. As the CL regressed the diameter of the vasculature may have
decreased beyond the ability of color Doppler to detect the signal but still was within the range of
color power Doppler's detection.

Biology of Reproduction July 2009. 81, 582
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Appendix H
Follicle Stimulating Hormone
Introduction
Follicle stimulating hormone (FSH) is a gonadotropin responsible for follicular
development. Equine follicles have been shown to require gonadotropin support to reach
diameters beyond 10 mm (Pedersen et al., 2002). A decline in FSH has been reported to occur
after the three largest follicles grow above 13 mm (Donadeu and Pedersen, 2008). Declining FSH
concentrations continue to support follicular growth until the largest follicle reaches the expected
diameter at the beginning of deviation, which occurs at approximately 23 mm in light-horse
mares (Gastal et al., 1999b). At deviation the circulating FSH is too low to support continued
growth of all follicles except the future dominant follicle which has acquired the ability to
efficiently utilize circulating FSH for continued growth (Donadeu and Pedersen, 2008). The FSH
surge that stimulates emergence of a wave begins to decline when the largest follicle is 13 mm
(Ginther et al., 2001). It has been demonstrated that a FSH decline is necessary for the
establishment of deviation. Administering FSH (Squires, 2006) or immunization against inhibin
(McCue et al., 1992) led to a delay or prevention of deviation as indicated by the development of
multiple ovulatory follicles. The interval from the decline in FSH to deviation is about 3 days in
mares. After the beginning of deviation, FSH continues to decline for several days. The FSH:
follicle relationship changes from multiple- to single-follicle coupling at the beginning of
deviation, leading to continued growth of the dominant follicle (Ginther et al., 2001).
Dobson and Smith (1995) proposed stress may impact reproduction by inference with
correctly timed GnRH secretion controlled by neurotransmitters, and/or by a deleterious influence
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of the HPA axis on the action of GnRH at the pituitary. In horses, the timing of GnRH release
determines the amounts of FSH and LH released from the pituitary (McKinnon and Voss, 2005).
When GnRH is released in two to four pulses per day, FSH is stimulated while more frequent
pulses stimulate LH release from the pituitary (McKinnon and Voss, 2005).
Materials and Methods
Radioimmunoassays were performed by Colorado State University’s Reproductive
Endocrinology Laboratory (Fort Collins, CO). The radioimmunoassay technique is based on the
competitive binding of the serum FSH and a radiolabeled FSH preparation, which compete for
binding to an antibody specific for FSH. The antibody-bound radiolabeled FSH is separated and
the quantity is determined by counting on a gamma spectrometer. Results for the unknown are
read from a curve prepared by plotting results for a set of known standards. Serum with a predetermined concentration are included in the assay for quality control purposes. Maximum and
minimum concentrations from Cycle 1 and 4 were found for each horse and analyzed. Daily
concentrations for each mare from Cycles 1 and were not normalized and the mean FSH
concentrations were found. Data was examined to identify outliers using SAS ROBUSTREG
procedure and then analyzed with SAS Mixed procedure with a repeated measures statement.
Mean intra- and inter-assay variation were 24.5% and 14.7%, respectively.
Results
No differences were found between groups or cycles in either the mean, maximum or
minimum FSH concentrations when data were examined with outliers or when outliers were
removed from the data. When excluding outliers, the mean concentration of FSH was 46.9 ± 6.5
ng/mL for Exercised mares and 52.3 ± 8.4 ng/mL for Control mares, maximum FSH was 77.9 ±
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14.9 ng/mL for Exercised mares and 96.9 ± 17.4 ng/mL for Control mares, and minimum FSH
was 27.0 ±3.3 ng/mL for Exercised mares and 33.9 ± 3.8 ng/mL for Control mares.
Conclusion and Discussion
No differences were observed in the mean, maximum, or minimum FSH concentrations.
These data are in contrast to research examining the effect of heat stress on dairy cattle (Roth et
al., 2000). Dairy cattle were subjected to direct solar radiation increasing the body temperature to
40.3 °C. This level of stress increased the number of large follicles, increase FSH concentrations
and decreased inhibin concentrations. Exercise for 30 min after 8 to 11 weeks has been found to
cause a slight decrease in FSH concentrations in women (Bonen et al., 1979). Dobson and Smith
(1995) proposed stress may impact reproduction by inference with correctly timed GnRH
secretion controlled by neurotransmitters, and/or by a deleterious influence of the HPA axis on
the action of GnRH at the pituitary. Since exercise is a stressor it may impact the release of
GnRH and consequently affect the release of FSH. The question is raised whether exercise affects
the number or frequency of surges in FSH. Previous research suggests that stress can impact FSH
concentrations; however, this was not observed in this study.
Failure to observe changes in FSH concentrations may be due to the variation in FSH
concentrations and/or the frequency of sampling during the diestrus period. There was
considerable variation in FSH concentrations thus outliers were identified and removed using
SAS ROBUSTREG procedure, which calculated the standardized residual. Standardized residuals
greater than 3 were considered outliers. Based on this criterion, 4 of 23 observations in the mean
FSH concentration were outliers, 3 of 23 observations in maximum FSH concentrations were
outliers and 3 of 23 minimum FSH concentrations were outliers. During diestrus, blood samples
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were taken every other day. This may have caused a failure to detect surges in FSH. In mares
having blood samples analyzed daily, surges were often only detected in one daily sample
(Ginther, 1992). By sampling every other day, surges could easily be missed thus not giving the
most accurate representation of the mean or maximum FSH concentration in either group. The
effect of exercise on FSH concentrations is inconclusive in this study due in part to the variation
in FSH concentrations, but also due to the frequency of samples analyzed.
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